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Abstract
We show that mechanical stiffness is a useful metric for characterizing complex collagen assemblies, providing insight about aggregation products and pathways in collagen-based materials.
This study focuses on mechanically robust collagenous membranes produced by an electrochemical synthesis process. Changing the duration of the applied electric field, or adjusting the electrolyte composition (by adding Ca2+ , K+ , Na+ or by changing pH), produces membranes with
a range of Young’s moduli as determined from force-displacement measurements with an atomic
force microscope. The structural organization – characterized by UV-visible spectroscopy, Raman
spectroscopy, optical microscopy and atomic force microscopy – correlates with the mechanical
stiffness. These data provide insights into the relative importance of different aggregation pathways enabled by our multi-parameter electrochemically-induced collagen assembly process.
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Introduction
Knowledge of the mechanical properties of biological tissues is instrumental in understanding
how structure affects their function. Tendons, for example, are aligned collagen-based connective
tissue whose elastic properties have been widely studied at macroscopic length scales. 1–3 However, mechanical property investigations at smaller length scales, relevant to the local environment
experienced by a cell, require smaller probes. Force-displacement curves obtained with atomic
force microscopy (AFM) cantilevers, whose tips have radii of curvature on the order of tens of
nanometers, can be used in conjunction with appropriate mathematical models to describe the tipsample contact mechanics and to estimate the Young’s modulus and other structural parameters
in a range of materials. 4 Here, we show that mechanical property data obtained from AFM forcedisplacement curves can be used to distinguish possible formation pathways of complex collagen
assemblies.
Collagen is a structural protein whose mechanical properties are intimately related to the assembly and aggregation of its monomeric building blocks. Its hierarchical aggregation process, fibrillogenesis, is fundamental to the in vivo development of collagenous connective tissues. 5 These
fibrils and smaller protofibrils are structurally and mechanically distinct from the less stiff, nonspecifically aggregated collagen that can form under some conditions, as presented schematically
in Figure 1. Fortuitously, fibril formation can be replicated in a laboratory environment, 5 which
can aid development of synthetic collagen-based scaffolds for tissue repair and regeneration applications. 6,7 Strategies for developing such scaffolds require controlled collagen assembly for
reliable function, including control over packing density, elastic deformability, and the final size
of the construct. These factors can affect bioactivity through mechanical response, or as a result of
bioavailability issues arising from the porosity of the material.
Collagen aggregation and fibrillogenesis have been directed in vitro by stimulating alignment
prior to or during aggregation via fluid flow, mechanical extrusion, microfluidic channels, or
anisotropic chemical nanopatterns. 1,8,10–13 An alternative class of approaches for providing high
orientational order and packing density involves manipulating the electrochemical environment
3
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Figure 1: A schematic diagram of possible membrane formation pathways. Monomers can either
aggregate (A) non-specifically or (B) hierarchically to form protofibrils and then fibrils. Nonspecific aggregates do not lead to fibril formation.
of collagen molecules. Marino and Becker 14 reported that the electrolysis of a collagen solution
could induce the formation of an opaque fibrous material, with aggregation induced by a local
pH increase at the cathode. More recently, our group has reported the formation of macroscopic
and microscopic 2D collagen membranes by a similar process, 15 while othershave made collagen
bundles in the presence of electric fields 3,16 .
In this work, we demonstrate that AFM force measurements coupled with spectroscopic data
allow us to understand how electrochemical synthesis parameters influence collagen membrane
formation, toward the goal of a tailored membrane structure for scaffold applications.

Experimental method
Sample preparation
Our experiments were designed to investigate the effects of time, pH, and electrolyte composition
on an electrochemically controlled collagen membrane formation process. The electrolyte contained collagen (Type I collagen monomers with a final concentration 0.07 mg/ml from 3 mg/ml
acidic Vitrogen stock solution, Inamed Biomaterials), ultrapure water (18.2 MΩ·cm, Barnstead
Nanopure), and sufficient NaOH (EMD Chemicals, ACS reagent grade) to reach pH 7, unless
otherwise noted. Electrolytes more alkaline than pH 7 can lead to collagen denaturation, so our
study focused on pH variations in the acidic regime. In some experiments, different concentrations
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(5-100 mM) of CaCl2 , KCl, and NaCl were added (at pH 7). All experiments were conducted at
ambient temperature.
The electrochemically induced aggregation was carried out in a two-electrode electrochemical
cell described in more detail elsewhere. 15 A potential of 8 V (unreferenced) was applied with a
potentiostat (Pine 366A) for durations between 15 and 60 minutes. The resulting current data were
recorded using a computer-based data acquisition program (National Instruments LabVIEW and
NI-PCI 6014 digitizing board) with an interface designed in-house. Prior to subsequent measurements, membranes were removed from the cell, rinsed with ultrapure water, and air-dried on a glass
substrate under ambient conditions. Aliquots from the electrolyte were also collected, deposited
on a glass substrate, and air-dried under ambient conditions. Variations in ambient humidity and
temperature did not lead to statistically significant changes in membrane stiffness.

Optical characterization
The membrane formation process was monitored in real time during some experiments with a
Leica DM2500 optical microscope and polarized light. Raman scattering spectroscopy (Jobin
Yvon Horiba LabRAM, confocal, 532 nm excitation) on dried membranes tracked changes in
intramolecular and intermolecular bonding, which are indicators for degree of collagen aggregation
and/or denaturation. To assess how much of the collagen from the electrolyte was incorporated
into the membrane, we used UV/Vis spectroscopy (Ocean Optics, Inc. Chem2000) on the postdeposition electrolyte to measure relative changes in absorption compared to an ultrapure water
reference.

Atomic Force Microscopy
An atomic force microscope (MFP-3D AFM, Asylum Research) was used for thickness measurements, topographic mapping and force-displacement measurements. Experiments were performed at ambient temperature using silicon probes (MikroMasch NSC35) with spring constant
∼17 nN/nm, as determined by the thermal noise method. 17 Membrane thicknesses were assessed
5
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by AFM measurements at the edges of the samples, with measurement sites selected where optical
microscope indicated that the membrane was not folded over. Topographic images were acquired
using tapping imaging mode at a scan rate of 0.5 Hz. Before beginning indentation measurements
on the sample, force curves were collected on a bare glass substrate to calibrate the deflection
sensitivity of the instrument. Force curves were then collected at different locations on the collagen membrane within a 25 µ m2 area, starting ∼200 nm above the sample surface and indenting
∼100 nm after initial contact with the sample. Force curve shape indicated that the measurements were not affected by the underlying substrate: the curvature of the extension and retraction
curves was accounted for entirely by probe shape and did not show evidence of coupling with the
harder substrate. 4 These raw cantilever deflection voltage vs. probe displacement measurements
were then converted into force-separation relations using the cantilever deflection sensitivities and
the cantilever spring constants. We use a simplified model for the material response as purely
elastic, neglecting any viscoelastic contributions and using only the retraction portion of the forcedisplacement curves to eliminate contributions from plastic deformation. Representative force
curves and additional details on their analysis are provided in the Supporting Information.
We note that the mechanical data were collected on dried membranes to avoid artifacts introduced by capillary forces. Force curves obtained on membranes that were never dried (or
membranes that were rehydrated) are dominated by capillary forces, while measurements on dried
membranes are free of these strong artifacts. Measurements on wet membranes conducted entirely
under fluid present additional problems with inconsistent adhesion of the membrane to the underlying support, and with strong adhesion between tip and membrane. Membranes would likely be
rehydrated when used in scaffolding applications, and this would change their Young’s moduli. 9
However, our interest here lies in using mechanical measurements to model the formation process
of the membranes, and this data is obtained most consistently with dried membranes.
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Modeling stiffness
We employed two theoretical models that are widely used to extract Young’s modulus. A hyperboloid tip shape 18 is assumed in a Hertzian contact model, 19 while the model of Oliver and
Pharr 20,21 utilizes the shapes of retraction curves to determine an effective indenter shapes. By
treating all data with both contact models, we confirmed that observed qualitative trends for
changes in stiffness are not dependent on the specific details of the probe-sample contact modeling. Additional details and representative analyses from both models are included as Supporting
Information.
Hertzian model
The force-indentation relation for a hyperboloidal contact 18 is given by Equation 1
Rδ
Ea3
ξ 2 + (1 − ξ 2 ) 2 ,
F=
2
(1 − σ )R
a

(1)

where F is the load force, ξ is R cot(α )/a, a is the contact area radius, and α is the tip conical
angle (30◦ according to manufacturer specifications for our indenters), R is the probe’s radius of
curvature, E is the Young’s modulus, σ is the sample’s Poisson ratio (0.3 is a reasonable value for
biological fibrils 4 ), and δ is the indentation depth and is equal to

δ=

1
ξ
a2 ξ π
+ arctan
−
2R 2
2ξ 2

,

(2)

An accurate calculation of the indentation depth δ would require precise knowledge of the probesample contact point. Instead, one can use an estimated tip-sample separation 4 (Δ) offset from the
true indentation depth by a constant C: Δ = C − δ . It is then possible to rework Equation 1 so that
the Young’s modulus can be determined independently of the exact point of probe-sample contact.
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Oliver-Pharr model
The Oliver-Pharr model 21,22 adopts a slightly more complex model for the indentation process.
The effective Young’s modulus E is related to the sample stiffness (Smaterial ) and contact area (A)
by
E=

π
,
A

Smaterial
2

(3)

when assuming an indenter that is approximately axially symmetric. 20 The contact involves two
springs connected in series: one for the AFM cantilever (spring constant Kc ) and another for the
sample (pseudo-spring constant Smaterial ). These two spring constants are related to the slope of the
force vs. indentation depth plot (Sexpt ) obtained from force curve measurements.
1
Smaterial

=

1
Sexpt

−

1
Kc

(4)

The contact area A is determined by accounting for both the geometry of the tip and the plastic
deformation from the extension process (which affects the tip-sample contact upon retraction). Fits
of our retraction curves (described in the Supporting Information) indicate that our contact area is
effectively parabolic, so we use a contact area given by
A = 2 π R hc − π h2c ,

(5)

where R is the radius of curvature of the indenter and hc is the contact depth.
The contact depth upon retraction is affected by plastic deformation from the extension process.
If the sample is permanently indented during extension, the retraction process will occur over a
shorter distance and will involve a different surface geometry and hence a different tip-surface
contact. In principle, it would be possible to determine the retraction distance by measuring the
height difference between the point of first tip-sample contact on the fresh sample (during the
tip extension procedure) and the point of last tip-sample contact on the newly deformed sample
(during the tip retraction procedure). However, adhesion effects could cause the height at which
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the tip disengages from the sample to be different from the true sample height. A solution that
addresses the changes in both distance and shape during retraction estimates how much sinking
deformation should occur to the sample 21 based on the maximum force applied during indentation
Fmax , the spring constant of the material being indented Smaterial , and the effective shape of the
indenter ε . 22 The true contact depth hc is then the total measured height change h corrected for this
sinking depth.
hc = h − ε

Fmax
Smaterial

(6)

Each retraction curve is fitted (as described in the Supporting Information) to obtain ε , all of
which are close to the 0.75 value of a paraboloid tip. 21 Since it is impractical to assess the radius
of curvature for each indentation, our calculations are based on manufacturer specifications (R =
20 nm, MikroMasch, NSC 35). We note that variations in tip radius ±10 nm lead to less than 10%
change in the calculated Young’s moduli using Eq. 3 and 5.

Results
Membrane formation
The speed of membrane formation can be adjusted by changing cell geometry, applied voltage
or electrolyte composition. The onset of film formation, viewed easily with the naked eye, is
very reproducible for experiments using the same electrode geometry and spacing (for example,
∼9 minutes for pH 7 electrolytes exposed to 8 V from parallel plate electrodes 2.5 cm apart).
Larger voltages or closer electrode spacings lead to faster film formation. Electrolytes whose
initial pH values are further from the isoelectric point of collagen (pH ∼6.5 in our experiments 15 )
require longer times to form the collagen membranes (Figure 2a). Finally, film formation time
decreases slightly with increasing ionic strength of the electrolyte. Figure 2b illustrates this effect
with the addition of KCl; similar trends were observed with CaCl2 and NaCl.
Although electrolyte composition differences can change how rapidly the initial membrane
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Figure 2: More acidic pH values (a) and lower ionic strengths (b) increase the amount of time
required for membrane formation. The uncertainty estimates associated with each data point are
contained within the size of the markers, and the lines connecting the data points serve as guides
to the eye.
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Figure 3: UV-Vis absorption spectra of post-deposition electrolytes show that longer exposure
to the applied potential leads to a decrease in the collagen-related absorbance peak near 200 nm
(inset), corresponding to more collagen incorporation into the membrane. The marker spacings on
the ordinate axes are consistent for the main graph and the inset.
forms, the membrane continues to grow over time as long as the applied cell voltage remains. Figure 3 shows absorbance vs. wavelength data from the post-synthesis electrolytes (initial pH 7) after
exposure to the applied potential for different amounts of time. All initial and final electrolytes
were colorless, so no peaks were obtained in the visible region. However, the intensities of the
broad peaks near 200 nm (originating from peptide bonds) and 300 nm (due to aromatic amino acid
side chains, prominent only in the initial electrolyte prior to aggregation) decrease with increasing
electrosynthesis time, suggesting that collagen is continually removed from the electrolyte as it is
incorporated into the membrane. We note that there was little difference in absorbance spectra as
a function of electrolyte pH or ion concentration for the same times and applied potentials. Membrane thickness also increases with electrosynthesis time, consistent with the optical absorption
data trends in Figure 3. AFM data indicate thicknesses ranging from 240±20 nm at 15 minutes to
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420±50 nm at 60 minutes. We conclude that increasing the time allowed for electrosynthesis is
more effective at growing the membrane than merely changing the ionic content of the electrolyte.
All subsequent data presented here will correspond to films electrosynthesized for 30 minutes,
unless otherwise indicated.

Correlating mechanical stiffness with fibril content
We quantified Young’s moduli for electrosynthesized collagen membranes based on data from
AFM indentation curves on dried membranes. The models we propose for membrane formation
and stiffness control arise from assessments of relative changes in the Young’s moduli, rather than
on their absolute values, but it is reassuring that the values for our dried membranes do lie within
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the broad range (0.2–3 GPa) of Young’s moduli that have been reported for collagen fibrils. 23–25
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Figure 4: Young’s modulus values for electrosynthesized collagen membranes change as two parameters were varied independently: (a) duration of applied voltage (at pH 7) and (b) initial electrolyte pH value (for 30 minute voltage duration). Error bars corrspond to a set of measurements
made with the same tip on the same sample. Trends are qualitatively similar using either Hertzian
or Oliver-Pharr models for tip-sample-contacts.
Figure 4 shows representative data that confirm that electrosynthesis conditions can influence
membrane stiffness. These data also indicate that there is a striking spatial uniformity in the mechanical response of membrane. While AFM indentation is intrinsically a local measurement, the
stiffness variations across a given membrane (error bars) are smaller than the changes observed
under different synthesis conditions (trend lines). To understand this, it is important to recognize
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that an indentation with our probe will access a depth 100-200 nm and initiate a rather large contact area (with diameter 100-200 nm) involving a network of monomers and/or fibrils. Therefore,
although more mature fibrils could be larger than the tip diameter (∼20 nm), indentation does
not necessarily measure the modulus of a single fibril. Figure 4 also demonstrates that moduli
calculated from Hertzian (Equation 1) and Oliver-Pharr (Equation 3) models showed qualitatively
similar trends for all samples. This suggests that the stiffness trends we observe are not dependent
on the details of how the tip-sample interactions are modeled.
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Figure 5: Raman spectra from collagen samples prepared with (a) different durations of applied
voltage (all at pH 7) and (b) electrolytes with different initial pH values (all with 30 minutes of applied voltage). Spectra are offset along the intensity axis for clarity. Estimates of fibril to monomer
ratio based on peak height comparisons from these spectra show (c) more distinctive fibril signatures for longer duration of applied voltage, and (d) no significant correlation between fibril
content and pH. The increasing background level for higher wavenumbers is generally characteristic of monomeric samples with some denaturation, and is therefore more prevalent for samples
with higher monomer content.
The Young’s modulus shows a marked increase (∼40%) over the first 30 minutes of membrane formation (Figure 4a). (We note that this trend cannot be attributed to substrate artifacts
affecting probe indentation, since membranes are also increasing in thickness over time.) Instead,
we attribute this stiffness increase to higher fibril content in the membrane, confirmed with Ra12
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man scattering data (Figure 5a,c) based on assignments of the amide III regions (560 cm−1 and
1240-1270 cm−1 , associated with fibrilized collagen) and the C-N stretch regions (1095 cm−1 and
1454 cm−1 , predominant for monomeric collagen). 26,27 Because the Raman peaks of interest are
broad (particularly for fibrils) and overlap with other peaks (particularly for monomers), fitting the
peaks to calculate areas would introduce more parametrization than the data could justify. Peak
height was therefore a more consistent and reliable means to approximate the relative changes in
monomer and fibril content.
Another factor that has a more moderate effect on membrane stiffness is the initial pH of the
starting electrolyte. Adjusting the initial electrolyte pH to 5–6 yields a slight decrease in the membrane Young’s modulus (Figure 4b). This trend is harder to correlate with the membranes’ relative
monomer and fibril contents, unlike the membrane stiffening observed with longer electrosynthesis
times. Figure 5b, d shows that the initial electrolyte pH has little effect on relative monomeric and
fibrillar composition of the resulting membranes.
Since the pH region that leads to less stiff membranes coincides with the isoelectric point for
collagen in our experiments, 15 this softening is likely related to pre-aggregation of collagen in
the electrolyte, prior to incorporation in the membrane. As illustrated schematically in Figure 1,
the non-specific aggregates could not mature into fibrils, and thus their incorporation would likely
lead to a softer membrane. Earlier studies provide further support for these conclusions, showing that the specificity of collagen aggregates can be strongly affected by pH and concentration
conditions. 8,15,27,28

Ion-dependent softening and stiffening
Addition of biologically relevant ions to the electrolyte led to a range of Young’s modulus changes,
as shown in Figure 6. Ca2+ ions have been reported to enhance collagen aggregation during electrochemical processes 29 and to accelerate both the nucleation and growth of collagen fibrils. 30
Correspondingly, we observe larger Young’s moduli (Figure 6a) after adding up to 10 mM CaCl2
to the starting electrolyte. On the other hand, KCl addition leads to substantially lower Young’s
13
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moduli (Figure 6b), even though other reports have also suggested that K+ promotes collagen aggregation. 31 The changes we observe with the addition of CaCl2 and KCl contrast with the minimal
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Figure 6: Young’s moduli values can change dramatically with the addition of different concentrations of (a) CaCl2 or (b) KCl, with smaller changes for the addition of (c) NaCl to the electrolyte.
Stiffness trends follow changes in the relative amount of fibrillar collagen (d, as determined from
Raman scattering peak intensities), with stiffer membranes displaying higher fibril content.
These disparate stiffness trends as a function of ion concentration track very well with changes
in the relative amounts of fibrillar and monomeric collagen (Figure 6d) as assessed from Raman
scattering spectra. The stiffest membranes, prepared in electrolytes containing 10 mM CaCl2 ,
display the highest relative fibril content. In contrast, membranes prepared in electrolytes with
high KCl levels were mechanically weak and easily dissociable when rinsed in water, suggesting
non-specific aggregation. Correspondingly, Raman peak intensities suggest a slightly lower fibril
content.NaCl-containing electrolytes yield membranes with only slightly enhanced fibril content
with increasing [Na+ ] (Figure 6c).

Discussion and Conclusions
With a correlation established between the degree of fibril content and the stiffness of the electrochemically synthesized collagen membranes, we investigated the points in the synthesis process at
which fibril formation could occur, and how the coexistence of fibrils and monomers contributes
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to lateral uniformity in membrane stiffness.
Because collagen fibrillogenesis is a hierarchical process, 5 the direct addition of monomers
(from the electrolyte) cannot itself create more fibrils in the membrane (Figure 1). Instead, protofibrils must form at some point during the electrosynthesis process, either in the electrolyte or in the
membrane itself. We see evidence of protofibrils in AFM images (provided in Supporting Information) of air-dried aliquots of electrolyte removed immediately prior to membrane formation, but
qualitative comparisons based show that Ca2+ -containing electrolyte (which produced the stiffest
films with the highest relative fibril content) reveals very little fibrillar collagen relative to the K+ containing electrolyte (which produced the softest films with the lowest relative fibril content).
Since limited fibril formation in the electrolyte appears to correlate with higher fibril content in the
membrane, and vice versa, it appears that fibrils must be able to grow within the membrane, and
not just in the electrolyte. Additional support for this hypothesis, based on AFM experiments, is
included in the Supporting Information.
Fibrils mature over time, so it is not surprising that longer electrosynthesis times lead to stiffer
films. Similarly, it is reasonable to expect that initial electrolyte pH values close to the monomeric
isoelectric point are more likely to promote non-specific aggregation at the expense of fibril formation, thereby leading to softer membranes. It is more complicated to explain the stiffness differences that arise from membranes prepared in the presence of different cations. K+ and Ca2+
ions were selected because they have both been shown to promote collagen fibrillogenesis. 29–31
However, the cation effects on membrane stiffness are dramatically different, with increased K+
concentrations leading to collagen aggregation in solution, at the expense of fibril growth within the
membrane. In contrast, Ca2+ promotes fibril maturation within the membrane, leading to higher
fibril (rather than protofibril or monomer) content within the membrane and hence a higher Young’s
modulus. The precise role of these cations in the hierarchical assembly of collagen fibrils is not
understood, although it has been suggested that the ions promote lateral aggregation of monomers
or protofibrils through a range of mechanisms, including bridging or affecting the isoelectric point
of the protein through binding to amino acid side chains. 29–31 In the particular case of our reaction
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conditions, it appears that Ca2+ is required for higher-order fibril growth, perhaps due to its higher
charge density (divalent and smallest of the three cations selected) allowing for better protofibril
bridging.
Cation and pH differences aside, a remarkable feature of all electrochemically prepared membranes is that, despite the diversity of their constituent collagen aggregates (a mixture of fibrils and
monomers), the spatial variation of the stiffness across the membrane is surprisingly consistent,
with variations ∼10% (as seen in error bars on stiffness plots). This stiffness uniformity, in conjunction with AFM topographic images (Figure 7), suggest that the mechanical properties of the
membranes rely on the presence of both fibrillar and monomeric collagen. Because we have established that monomeric collagen is continually added to the membrane during electrosynthesis, the
top surface of the membrane that we image and probe with force microscopy has a predominant
monomomeric component. Therefore, we rarely observe fibrillar signatures in topography images,
even in the stiffest membranes. Underlying this monomer coating is a network of more mature collagen fibrils and protofibrils that provide greater stiffness. This idea is supported by AFM topography images on ethanol-rinsed samples for which the monomeric overlayer is partially removed,
showing evidence of a dense and aligned network of fibrils in the stiffest membranes. However, it is
interesting to note that the removal of the monomeric layer does not change the measured Young’s
modulus of the membrane, indicating that the monomer overlayer does not contribute significantly
to the mechanical response of the membrane.
This work demonstrates that mechanical stiffness is a useful metric for characterizing complex
collagen assemblies, providing insight about the relative importance of non-specific versus hierarchical aggregation products and pathways in collagen-based materials. The trends in the stiffness
data are consistent whether the tip-membrane interactions are modeled with a Hertzian approach or
the Oliver-Pharr model. Thus, we can be confident that the details of the tip-membrane interactions
do not affect the conclusions we draw from the data.
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Figure 7: (a) A representative AFM height image of an as-synthesized collagen membrane shows
rounded features with no obvious fibril signatures. (b) Rinsing with ethanol reveals a dense network of aligned fibrils within the membrane.
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