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Abstract

Enzymes are proteins found in organisms that work as biological catalysts. In the
last decade, some studies report that enzymes diffuse faster during catalysis [1],
and recently others show the possibility of making enzyme-powered micromotors;
where urease-functionalized microparticles appear to diffuse faster during catalysis
as observed by trajectory tracking [2]. We studied the validity of using the enzyme
alkaline phosphatase as a nanomotor on spherical polystyrene particles with a di-
ameter of 200 nm (attached by glutaraldehyde coupling) using differential dynamic
microscopy (DDM) and dynamic light scattering (DLS) to obtain the diffusion coef-
ficient of those particles compared to bare particles of the same size looking for any
enhanced particles motion. We will report on the existence (or absence) of enhance-
ment in diffusivity. The enzyme activity of our alkaline phosphatase functionalized
nanoparticles, obtained by spectroscopy and the Michaelis-Menten relation [3], was
found to be very similar (slightly lower) to the bare alkaline phosphatase activity.
DDM is a technique that exploits optical microscopy to obtain local quantitative
information about dynamic samples (diffusion coefficient, particle size) by probing
wave vector-dependent dynamics [4]. DDM could be used to study the dynamics
in liquid suspensions, soft materials, cells, and tissues. In DDM, image sequences
are analyzed via a combination of image differences and spatial Fourier transforms
to obtain information equivalent to that obtained by means of dynamic light scat-
tering (DLS) techniques. Compared to DLS and particle trajectory tracking, DDM
offers obvious advantages, most importantly, providing high statistics by capturing a
large number of particles, removing the static contributions along the optical path,
flexibility of choosing an analysis region, and the power of simultaneous different
microscopy contrast mechanisms. But those advantages come with a price; it is
challenging to know the suitable settings (camera speed, objective magnification,
sample dilution, etc.) for each measurement (i.e., each particle size). In order to
validate our DDM setup, we studied a range of polystyrene particles size (60 nm-1
micron) suspended in water using different settings to conclude the suitable settings
for each size in that range. Using previously published Python code [5] and mod-
ified by our group, we managed to analyze thousands of frames (images) with the
speed of hundreds of frames per second for each measurement. All measurements
were compared to DLS measurements on the same samples (but more diluted) for
comparison.
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Chapter 1

Introduction

1.1 Brownian Motion

The random motion of particles suspended in a medium, named after the botanist
Robert Brown, who first described the phenomenon in 1827 while looking through
a microscope at the pollen of the plant Clarkia Pulchella immersed in water [9].
In 1905, Albert Einstein published a paper where he modelled the motion of the
pollen particles as being moved by individual water molecules, making one of his
first major scientific contributions [10]. For spherical particles, by applying Stokes’
law, the Brownian motion is described by the Stokes-Einstein relation:

D =
kBT

3πηd
, (1.1)

where kBT is the thermal energy (kB being the Boltzmann constant and T the
absolute temperature), η is the solvent viscosity, and d is the hydrodynamic diameter
of the particles.

1.2 Dynamic Light Scattering (DLS)

The DLS technique has gained popularity as a simple, easy, and reproducible tool
to measure the diffusion coefficient of nanoparticles in a dispersion, and hence the
particle size using the Stokes-Einstein relation 1.1. Particles in a colloidal dispersion
scatter light from an incident laser beam. The continuous Brownian motion of the
particles within a dispersion causes constructive and destructive interferences; hence,
scattered light intensity fluctuates over time [11]. This time-dependent intensity of
the scattered light is detected in DLS. (see Figure 1.1A).
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Figure 1.1: (A) Fluctuation in the intensity of the scattered light by the particles
during DLS due to constructive and destructive interferences. (B) The correlogram
for 1 µm diameter polystyrene particles dispersed in water.

In DLS, the fluctuation of intensity in scattered light is self correlated against
time t. Figure 1.1B shows the intensity auto-correlation function G(t) = ⟨I(t0)I(t0+
t)⟩, which has the functional dependence [12]:

G(t) = b+ f exp(−2Dq2t), (1.2)

where f is a constant dependent on the instrument and the optical settings, D is the
diffusion coefficient, and q is the scattering vector which can further be expressed as

q =
4πn sin(θ/2)

λ
. (1.3)

Here, n is the refractive index of the solvent, λ is the wavelength in vacuum, and θ

is the scattering angle.

1.3 Differential Dynamic Microscopy (DDM)

DDM is a technique that exploits optical microscopy to obtain local quantitative in-
formation about a dynamic sample (diffusion coefficient, particles’ size) by probing
wave vector dependent dynamics. It can be used to study the dynamics in liquid
suspensions, soft materials, cells, and tissues. In DDM, image sequences are an-
alyzed via a combination of images’ differences and spatial Fourier transforms to
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obtain information equivalent to that obtained by means of light scattering (DLS)
techniques. Compared to DLS, DDM offers obvious advantages. First, taking im-
ages’ differences removes the static contributions along the optical path. Second,
due to the microscopy technique, there is flexibility in choosing an analysis region,
and one has access to different microscopy contrast mechanisms.

In 2008, Cerbino, Roberto, and Trappe [4] demonstrated the use of an ordinary
white-light microscope for the study of the q-dependent dynamics of colloidal dis-
persions. They acquired a time series of digital video images in a bright field with
a fast camera, and the images’ differences were Fourier analyzed as a function of
the time delay between them. This allowed for the characterization of particles’
diffusion coefficients. The resulting diffusion coefficients were found to be in good
agreement with the theoretically expected values for Brownian motion in a viscous
medium using the Stokes-Einstein relation and the known particles’ sizes.

By subtracting two images’ intensities as a function of position and time sep-
arated by a time delay ∆t, we have a time-delay-dependent signal S(∆t) due to
intensity fluctuation as the particles are undergoing Brownian motion,

S(∆t) = I(x, y; ∆t)− I(x, y, 0). (1.4)

Quantitative information about the system’s dynamics from the images’ differences
can be obtained in two steps. The first step is to calculate the signal from Equation
1.4 in 2D Fourier space as:

FS =

∫
S(x, y; ∆t)exp[−i2π(uxx+ uyy)]dxdy, (1.5)

Now, using the Parseval theorem [13],∫
|FS(ux, uy; ∆t)|2duxduy =

∫
|S(x, y; ∆t)|2dxdy = σ2(∆t), (1.6)

where σ2(∆t) is the spatial variance in real space. Equation 1.6 shows that the total
energy content of S in real space is the same as FS in Fourier space.

Secondly, using Equation 1.3, the Fourier components are associated with the
scattering angle θ (hence the scattering vector q). The object imaged on the cam-
era sensor is a superposition of different Fourier components characterized by a
spatial frequency uobj [13, 14]. Each frequency component diffracts light at angle
θ = sin−1(λuobj) to the microscope’s optical axis. A sinusoidal fringe pattern will
be formed on the camera sensor due to the diffracted plane wave. This pattern,
characterized by a spatial frequency udet = sin(θ/λ), demonstrates the association
between the spatial frequency on the detector udet and the scattering angle θ.

For square images, with N × N pixels, it is possible to apply the fast Fourier
transform (FFT) [15] to the images’ difference. This allows to treat the one di-
mensional power spectrum |FS(u; ∆t)|2, where u =

√
u2
x + u2

y. For comparison with
DLS, one obtains |FS(q; ∆t)|2, where q = 2πu. |FS(q; ∆t)|2 is found to increase with
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∆t until saturates at longer time delays. The plateau value shifts to smaller ∆t as
the wave vector q increases, denoting a q dependence in the characteristic time of
the system. For a quantitative description of this behaviour, the fluctuations in the
intensity of the original images have been considered as concentration fluctuations
in the sample [4]. For Brownian diffusion, the Fourier concentration mode has the
following exponential time [16],

|FS(q; ∆t)|2 ∝ 1− exp(−∆t/τ(q)), (1.7)

where τ(q) is the characteristic time,

τ(q) = 1/Dq2. (1.8)

DDM stands out among other techniques, like particle tracking, due to its ability
to utilize every pixel on the camera as an individual sensor. This unique feature al-
lows for high statistical accuracy and minimizes measurement errors when measuring
the diffusion coefficient of spherical particles.

1.4 Enzyme Kinetics

Enzyme kinetics studies deal with time-dependent enzyme-catalyzed chemical reac-
tions that tend to reach the equilibrium state. The study of enzyme kinetics is valu-
able in order to understand the mechanisms of enzyme catalysis and regulation. An
enzyme is typically a protein molecule that catalyzes a reaction of another molecule
(substrate). The substrate molecules bind to the "active site" of the enzyme to
produce an enzyme-substrate complex and from there to product and enzyme, via
a transition phase as shown in the mechanism [17, 18]:

S + E −−⇀↽−− ES −−⇀↽−− P + E. (1.9)

Enzyme kinetic studies start by observing the concentration of the substrate and
its conversion into the product. But, since the enzyme catalyzed reactions involve
a reaction of two reactants into a transition phase (the enzyme-substrate complex)
and then into a product, it is useful to discuss the chemical reaction order [6]. A
first-order reaction is the conversion of only one reactant A into a product P, which
is considered the simplest chemical reaction:

A
k−−→ P, (1.10)

the reaction rate v can be determined from the time-dependent decrease in A or
from the increase in P and is directly proportional to the amount of A:

v = −d[A]

dt
=

d[P ]

dt
= k[A]; (1.11)

where, k is the first-order reaction rate constant, in the dimension of s−1, indepen-
dent of the concentration. A second-order reaction is the reaction of two reactants
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with each other to form a product or more than one product (since the reaction is
only in the forward direction):

A+ B
k−−→ P. (1.12)

In this case, the reaction rate v is proportional to the decrease in both A and B or
the increase in P; hence,

v = −d[A]

dt
= −d[B]

dt
=

d[P ]

dt
= k[A][B]. (1.13)

The second-order reaction rate constant k (s−1M−1) includes a concentration term
in its unit. The zero-order reaction is the most relevant reaction order to the enzyme
mechanism; if a reaction is being catalyzed by a catalyst (such as an enzyme), as
long as this catalyst is present in a very small amount, the reaction rate v will be
independent of any reactant concentration. The following reaction describes the
conversion of a substrate S into the product P catalyzed by a catalyst E, assuming
the catalyst concentration is very small:

S + E
k−−→ P + E. (1.14)

Here, the reaction rate is independent of the substrate concentration,

v = −d[S]

dt
=

d[P ]

dt
= k. (1.15)

1.4.1 The Steady State Assumption of Enzyme Kinetics

Victor Henri in 1902 [19], presented a primary equation describing the reaction
catalyzed by the enzyme invertase. Leonor Michaelis and his Canadian coworker
Maud Leonora Menten in 1913 [3], studied the validity of Henri’s equation with
the enzyme invertase. George Edward Briggs and John Burton Sanderson Haldane
derived the Michaelis-Menten equation using the steady state assumption in 1925
[20], an equation describes the irreversible enzyme reaction that converts a single
substrate into a product:

S + E
k1−−⇀↽−−
k−1

ES
k2−−→ P + E. (1.16)

The substrate and the product variations over time are

d[S]

dt
= −k1[S][E] + k−1[ES], and (1.17)

d[P ]

dt
= k2[ES] = v. (1.18)

The enzyme itself can either be free or associated with the enzyme-substrate com-
plex. The concentrations of free enzyme and enzyme-substrate complex are

d[E]

dt
= −k1[S][E] + k−1[ES] + k2[ES], and (1.19)
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d[ES]

dt
= k1[S][E]− k−1[ES]− k2[ES]. (1.20)

The production of P is directly proportional to the enzyme-substrate complex
ES, whereas the concentration of the enzyme-substrate complex depends on the
concentration of P and E. But, it is difficult to calculate the time-dependent varia-
tions of the reactants. Here, the steady state assumption comes in handy, because it
assumes constant concentrations of both the enzyme and the enzyme-substrate com-
plex. The reaction undergoes three phases: a fast formation of the enzyme-substrate
complex phase (pre-steady-state), the steady-state phase which has nearly constant
enzyme-substrate complex concentration, and the substrate depletion phase where
the enzyme-substrate complex decays.

Figure 1.2: The changes of the reactant concentration versus time at each phase of
an irreversible enzyme-catalyzed reaction. Reproduced with permission from [6].

Since the formation and the decay of enzyme-substrate complex are balanced
during the steady state phase which is considerably long, both enzyme and enzyme-
substrate complex amounts remain constants, equations 1.19 and 1.20 both reduce
to

k1[S][E] = (k−1 + k2)[ES]. (1.21)

The total enzyme concentration [E]0 = [E] + [ES] is taken to substitute [E],

[ES] =
k1[S][E]0

k−1 + k2 + k1[S]
. (1.22)

By substituting [ES] in equation 1.18, the Michaelis–Menten equation, a relation
between the reaction rate and the substrate concentration, is obtained to be

v =
Vmax[S]

Km + [S]
. (1.23)

In equation 1.23, the Michaelis–Menten constant Km = (k−1 + k2)/k1, in molarity
unit (M), is an inverse measure of enzyme affinity for its substrate. Another constant
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used in Michaelis–Menten equation is Vmax = k2[E]0 which is the maximum reaction
achieved when all the available enzyme molecules participate in the reaction.

By taking the reciprocal of both sides of the Michaelis-Menten equation 1.23 and
rearranging the terms, the Lineweaver–Burk equation described by Hans Lineweaver
and Dean Burk in 1934 [21] transforms the hyperbolic curve into a straight line on
a double-reciprocal plot.

v−1 =
Km

Vmax[S]
+ V −1

max. (1.24)

1.4.2 Alkaline Phosphatase Kinetics by UV-Vis Spectroscopy

The enzyme alkaline phosphatase is found across a multitude of organisms. It de-
phosphorylates the non-specific substrate, p-nitrophenylphosphate (pNPP) in or-
der to produce p-nitrophenol(pNP) and inorganic phosphate following the reaction
shown in Figure 1.3.

Figure 1.3: The production of p-nitrophenol (pNP) from p-nitrophenyl phosphate
(pNPP) catalyzed by the enzyme alkaline phosphatase.

The conversion of the colourless substrate into a yellow product with an ab-
sorbance peak at λmax = 400nm, see Figure 1.4, is a perfect reaction to use spec-
troscopy in order to study the reaction rate and alkaline phosphatase activity.
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Figure 1.4: The increase of pNP over time in the presence of the alkaline phosphatase
and its substrate pNPP in 0.2 M of phosphate buffer at 7.0 pH at 25 ◦C (the black-
symbol spectrum being the earliest at t = 0.25 s, then red, yellow, etc., and finally
purple at t = 2.25 s).

In Figure 1.4, the absorbance of 3 ml of the sample was measured using the Cary
6000i UV-Vis Spectrometer, in a wavelength range from 350 nm to 550 nm, and a
scan rate of 1818 nm/min. Here, the black spectrum is the earliest at t = 0.25 s,
then red, yellow, etc., and finally purple at t = 2.25 s. At wavelengths greater than
470 nm, there is no absorbance observed at any time. Conversely, at wavelengths
smaller than 400 nm, absorbance increases over time and reaches a maximum at 400
nm. This supports the formation of the yellow-coloured product PNP.

By plotting the absorbance at the peak λmax against time, the reaction rate v is
obtained from the slop of the initial linear increase: see Figure 1.5. Repeating the
reaction rate measurements for different known substrate (pNPP) concentrations at
a fixed enzyme (alkaline phosphatase) concentration, and using Michaelis–Menten
equation 1.23, the alkaline phosphatase kinetics constants were obtained: this is the
subject of the next section.
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1.5 Enzyme diffusion and nanomotors

The enhanced Diffusion of enzymes is a phenomenon that has been reported in a
series of studies over the past two decades. Researchers have used a variety of tech-
niques such as fluorescence correlation spectroscopy (FCS), far-field super-resolution
stimulated-emission-depletion microscopy with FCS (STED-FCS), and DLS to mea-
sure the diffusion rates of enzymes and have observed apparent enhancements in the
diffusion of a wide selection of enzymes. However, it has been suggested that some
of these measurements may be influenced by fluorescence-related artifacts.

Two studies in 2009 [22, 23], reported that energy (or momentum) arising from
catalytic reactions could drive the movement of particles on the micron and sub-
micron size scales by self-electrophoresis, self-diffusiophoresis, and bubble propul-
sion. A year later, Muddana et al. [1], demonstrated the catalysis-induced increase
of diffusion coefficient by 28% for the enzyme urease exposed to its substrate (urea)
using fluorescence correlation microscopy (FCS). When urease was inhibited by py-
rocatechol and exposed to urea again, the diffusion coefficient was significantly lower,
supporting the idea of the catalysis-induced increase of diffusion coefficient. Sen-
gupta [24], also reported enhanced diffusion using catalase, again using the FCS
technique. Another study by Riedel et al. [25], reported enhanced diffusion mea-
sured via FCS in four enzymes: alkaline phosphatase, urease, catalase, and triose
phosphatase isomerase. However, it should be noted that enzyme reactions that
generate gases have an independent potential mode for propulsion, so the enhanced
diffusion in catalase enzyme is probably real but should be disregarded in this dis-
cussion. Illien et al. [26], also reported enhanced diffusion in aldolase, indicating
that if the enhancement is real, it occurs even when the reaction is endothermic. An
earlier study in 1998, by Borsch et al. [27], also reported enhanced diffusion using
FCS and F1-ATPase.

However, Gunther et al [28, 29], suggested that fluorescence-related artifacts
could be the cause of these apparent enhancements, as no substrate or product
diffusion enhancement was observed in NMR diffusion measurements. Other studies
that do not utilize FCS have also reported mixed results. Multiple studies have
shown that enzymes attached to nanoparticles’ surfaces can drive the motion of
those particles. An enhanced diffusion coefficient for enzyme-powered particles on
the nanometer and micrometer lengthscales was reported using particle tracking [2,
30, 31], and DLS [32], two techniques which are not affected by fluorescence artifacts.
On the other hand, Chen [33], used an electrokinetic feedback trap to infer particle
motions. Statistics would be much poorer than in DLS, but the technique is sensitive.
No enhancement was seen in alkaline phosphatase, while a 20% enhancement was
seen in parallel FCS measurements.
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In this project, we are making alkaline phosphatase functionalized 200 nm in
diameter spherical particles to study their enzyme activity and measure, using DDM
and DLS, their diffusion coefficient. Without utilizing FCS artifacts and providing
evidence that enzyme kinetics itself is actually happening, we will report whether
the alkaline phosphatase functionalized particles are undergoing enhanced diffusion
or not. We expect that particles in the nanoscale will be more affected by Brownian
fluctuations than particles in the microscale, and therefore, this enhanced motion
should appear as an enhanced diffusion coefficient. As the particles get smaller, we
expect their diffusion to be more enhanced. However, the relation between particle
size and diffusion enhancement is as yet unclear, in particular, because we do not
know if the enzyme coverage is uniform and similar for particles of all sizes. Also,
the enzyme activity as a function of those particles’ size is still unknown.
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Chapter 2

Colloidal Diffusion

Colloidal diffusion, the Brownian motion of particles in a colloidal system, can be
measured using various techniques. These techniques include dynamic light scatter-
ing (DLS) [11], dynamic diffusion microscopy (DDM) [4], fluorescence correlation
spectroscopy (FCS) [34], pulsed-gradient nuclear magnetic resonance (PG-NMR)
[35], and fluorescence recovery after photobleaching (FRAP) [36]. In this work, we
used the DDM and DLS techniques.

2.1 Diffusion and Size Measurements by DLS

We measured the diffusion coefficients for the size range of (1µm - 60nm) in diameter
of spherical polystyrene particles purchased from Millipore Sigma dispersed in water
using the Malvern Zetasizer Nano-ZS ZEN3600, which uses a red laser (λ =632.8nm)
with a θ =175◦ angle of detection.
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Figure 2.1: The auto-correlation of the scattered intensity of polystyrene spherical
particles with a diameter of (a) 1µm, (b) 540nm, (c) 250nm, (d) 100nm and (c)
60nm dispersed in water at room temperature 24◦ C fitted to the mono-exponential
equation 1.2, where InvTau = Dq2.
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In Figure 2.1, The auto-correlation function is curve-fitted to Equation 1.2. From
the fit, we can use the diffusion coefficient with Stokes-Einstein Equation 1.1 to ob-
tain the hydrodynamic diameter for nanoparticles in the size of d > λ/10. Otherwise,
the scattered light will carry the same energy as the incident light (elastic scatter-
ing) and is no longer angle-dependent. This size threshold d > λ/10 is due to how
electromagnetic waves (e.g., light) interact with a particle[37, 38]. The scattering
vector q, was calculated using equation 1.3 and has a value q = 2.64×107 m−1. The
diffusion coefficient D, and the hydrodynamic diameter d, using the Stokes-Einstein
equation 1.1, are shown in Table 2.1.

Sample Stated Diameter (nm) Solid wt% InvTau (s−1) D (m2/s) ×10−15 d (nm)
a 1000 0.01% 255 ± 1 376 ± 2 1270 ± 10
b 540 0.01% 570 ± 1 819 ± 2 555 ± 7
c 250 0.01% 1199 ± 2 1720 ± 4 259 ± 2
d 100 0.1% 2900 ± 3 4050 ± 4 109 ± 3
e 60 0.125% 4440 ± 20 6370 ± 30 68 ± 1

Table 2.1: Diffusion and size results of polystyrene particles dispersed in water at
room temperature 24◦ using DLS.

Commercial instruments such as the Malvern Zetasizer Nano-ZS ZEN3600 (the
one used in this work) use the DLS technique together with built-in software to
report nanoparticle size in an easy and quick way directly. However, we chose to
extract the auto-correlation function, G(t), and obtain the hydrodynamic diameter
by directing fitting, i.e., in a comparable way to the differential dynamic microscopy
(DDM) technique.

2.2 Diffusion and Size Measurements by DDM

In parallel with DLS measurements, in order to validate our DDM setup, we carried
out a series of DDM measurements on the same polystyrene particles dispersed in
water for the same size range (1 micron - 60 nm). All DDM experiments were done
by capturing 10000 frames with a resolution of 256x256 pixel or (128x128 pixel for
the 60nm particles) using the high speed camera pco.edge 4.2 LT equipped with
a scientific CMOS sensor (up to 325 frames per second at 256x256 pixel, and 325
frames per second at 128x128 pixel) at room temperature (24◦ C), then calculating
the images difference signal S(∆t) in Fourier space for each time delay ∆t using
existing python code [5] written in a new python 3 implementation [39]. In Figure
2.2, the right image shows the intensity difference in real space between two frames,
the left and the middle images, separated by a short time delay ∆t = 30.8 ms.
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Figure 2.2: Image difference with a resolution of 256x256 pixel (162.5 nm/pixel)
for 540nm diameter polystyrene particles dispersed in water captured by white-light
microscopy using a 40x (NA = 1.00) oil-immersion objective. The left and middle
images are two frames separated by 30.8 ms. The right image shows the intensity
difference between those frames.

In Figure 2.3, the power spectra |FS(q; ∆t)|2 are plotted as a function of time
for a range of q values for the particle sizes 2.3a d = 1µm, 2.3b d = 540 nm, 2.3c
d = 250 nm, 2.3d d = 100 nm, and 2.3e, 2.3f both are d = 60 nm. The black data
corresponds to the smallest value of q, and the blue, red, and yellow data correspond
to progressively larger values of q. As the value of q increases, the characteristic
time of the power spectra decreases. This indicates that the samples are undergoing
Brownian motion. in order to obtain the relation between q and the characteristic
time τ(q), according to relation 1.7, the power spectra for the particles with a range
of diameters varying from 1 µm to 250 nm were fitted to the mono-exponential
function,

|FS(q; ∆t)|2 = b(1− a exp (−∆t/τ)). (2.1)

The characteristic time τ(q), using the mono-exponential fit, for the particle
diameters varying from 1 µm to 250 nm is attained. The inverse time τ−1 is plotted
in Figure 2.4 as a function of q2 for different particle sizes. It is clear that the
dependency is fitted well by a linear relation between τ−1 and q2 over a significant
range of q2 as shown in figures 2.4a, 2.4b and 2.4c representing τ−1 against q2 for
particle diameters d = 1µm, d = 540 nm and d = 250 nm. For the smaller sizes (100
nm and 60 nm), the mono-exponential fit gave inconsistent results (slower than
expected), more likely due to colloidal aggregation and camera speed limitation.
By fitting the power spectra versus time using a bi-exponential function we had
two diffusion modes (a slow one for the aggregations and a fast one for the single
particles). See figures 2.4d and 2.4e. The function utilized,

|FS(q; ∆t)|2 = b[1− a(pe−∆t/τ1 + (1− p)e−∆t/τ2)], (2.2)

yielded a reasonable fit, and both the resulting times appeared to be associated with
diffusive modes (i.e. 1/τ vs q2 was linear over a significant q range).
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(a) Stated particle diameter d = 1µm
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(b) Stated d = 540 nm
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(c) Stated d = 250 nm
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(d) Stated d = 100 nm
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(e) Stated d = 60 nm, left side
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(f) Stated d = 60 nm, right side

Figure 2.3: Power spectra |FS(q; ∆t)|2 versus time for polystyrene particles dispersed
in water at room temperature 24◦ C. The colours contrast from blue to red to yellow,
representing different q values from smaller to higher.
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(e) Stated d = 60 nm

Figure 2.4: 1/τ(q) vs q2 yields diffusion coefficients (in units of 10−15m2/s). In
addition to the primary size, there is a second diffusion mode of larger particles for
(d) and (e).

The sequence of images for the particles of (1 µm - 100) diameter was captured at
256x256 pixel resolution with an acquisition speed of 325 frames per second (FPS).
As the smaller 60 nm particles diffuse faster, they require a higher frame rate. We
managed to double the frame rate to 650 FPS by lowering the resolution to 128x128
pixel. In order to compensate for the poorer statistics, we analyzed a wide 128x256
pixel sequence as two 128x128 pixel sequences separately. The figures 2.3e and 2.3f,
show the power spectra of the wide image split into two images (left side and right
side), where Figure 2.4e, shows the average diffusion coefficients of the two sides.

Using the Stokes-Einstein relation (equation 1.1), the calculated particles’ hy-
drodynamic diameter are shown in the following table:
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1 2 3 4 5 6 7 8
Sample Stated Diameter (nm) dDLS(nm) Solid wt% D (m2/s) ×10−15 d(nm) D2 (m2/s) ×10−15 d2 (nm)
a 1000 1270 ± 10 0.1% 348 ± 2 1265 ± 10 - -
b 540 555 ± 7 0.5% 785 ± 3 556 ± 6 - -
c 250 259 ± 2 1% 1743 ± 7 259 ± 3 - -
d 100 109 ± 3 2.5% 4350 ± 40 104 ± 2 1040 ± 50 440 ± 20
e 60 68 ± 1 2.5% 5610 ± 80 75 ± 2 574 ± 8 730 ± 10

Table 2.2: Diffusion and size results of polystyrene particles dispersed in water at
room temperature 24◦ C using DDM.
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Figure 2.5: The measured hydrodynamic diameter, using DLS and DDM, against
the stated diameter. Errors are smaller than the symbol size.

2.3 Conclusion

Differential dynamic microscopy (DDM) was found to be a robust and valid tech-
nique to study the dynamical behaviour of a colloidal dispersion for the size range
of (1 µm - 100 nm) that provides reasonably good statistics provided that we are
recording a large enough field of the sample (see figure 2.2). For the smaller size
particles (60 nm in diameter), it was challenging to achieve precise measurements
due to the faster diffusion of the particles. In this case, we had to pick a smaller
field of the sample in order to increase the camera frame rate. Also, the polydisper-
sity for the small sizes (100 nm and 60 nm) led to a slight disagreement with the
DLS results. But overall, the DDM shows strong agreement with the DLS results
as columns 3 and 6 show in Table 2.2. Moreover, this technique is compatible with
microfluidic geometries, which are of interest in future experiments.
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Chapter 3

Alkaline Phosphatase Kinetics

3.1 Michaelis-Menten Constants for Alkaline Phos-
phatase

The goal of measuring the alkaline phosphatase kinetics constants is to understand
the bare alkaline phosphatase kinetics and build the groundwork for comparison with
the kinetics discussed in the next chapter for alkaline-phosphatase-functionalized
nanoparticles. These functionalized nanoparticles are basically spherical polystyrene
nanoparticles coated (by attaching to a linker molecule) with alkaline phosphatase.
One potential challenge with using enzymes attached to nanoparticles is that the
enzyme concentration may be low, due to small enzyme coverage on the surface of
the particles, which increases their activity time scale. Therefore, it is convenient
to find a medium in which the enzyme activity is faster.
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Enzyme activity depends sensitively on the environment of the reaction medium.
This environment includes the temperature, the pH value, and the concentrations
of certain salts that work as co-factors for that enzyme. The enzyme alkaline phos-
phatase has a maximum activity at an optimum pH value that ranges from 7.5 pH
to 9.5 pH [40]. We studied the alkaline phosphatase in two different buffers: 0.2 M
phosphate buffer at 7.0 pH, and 1 M tris-HCl buffer at 7.5 pH. All measurements
were done at 25 ◦C using the SYNERGY Mx multi-plate reader, which offers the
opportunity to use smaller volumes of samples as well as to run multiple measure-
ments simultaneously, by adding 100 µL of the alkaline phosphatase solution to 100
µL of its substrate (pNPP) solution for each different substrate concentration. The
data interval for each absorbance against time point was 10 seconds (6 points per
minute). When measuring enzyme kinetics, it is important to consider the time
gap between mixing the sample and starting data acquisition. This time gap, also
known as the "lag time," can affect the accuracy of the measurements. In general,
the lag time should be kept as short as possible to ensure that the measurements
are accurate. However, in some cases, it may be necessary to allow for a longer lag
time to ensure that the reaction has progressed to a measurable level.

The alkaline phosphatase used in this work, purchased from Millipore Sigma,
supplied as a solution in 40% glycerol containing 6 mM Tris, 6 mM MgCl2 and
0.12 mM ZnCl2, 7.6 pH was divided into multiple vials and stored at temperature
4◦C. The substrate pNPP, purchased from Millipore Sigma in powder shape, was
stored at temperature 4◦C. Measurements were done on freshly prepared samples
from pNPP powder and alkaline phosphatase solution as supplied.

3.1.1 Alkaline Phosphatase Kinetics in Phosphate Buffer

Referring to Figure 1.4, in Section 1.4.2, the product (pNP) absorbance peak was at
λmax = 400 nm. However, we found that at λ = 400 nm the absorbance peak of the
product (pNP) interferes with the tail of the absorbance of the substrate (pNPP).
This is seen clearly in Figure 3.1a. In order to make sure that this interference
would not affect the results, we did multiple measurements at different wavelengths
(400 nm, 425 nm, and 450 nm). In those measurements, the absorbance was plotted
against time and found to be linear as shown in Figures 3.1a, 3.1b and 3.1c. If the
reaction is proceeding at a constant rate, the plot will be linear, with a slope that
represents the reaction rate. To obtain the reaction rate, the data were linearly fitted.
Once the reaction rate has been determined, it can be plotted against the substrate
concentration on a Michaelis-Menten graph to obtain the enzyme kinetics constant
as shown in Figures 3.1d, 3.1e and 3.1f. By fitting the data to the Michaelis-Menten
equation 1.23, it is possible to obtain the enzyme kinetics constant, Km.
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(a) Absorbance against time at λmax = 400
nm.
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(b) Absorbance against time at λ = 425 nm.
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(c) Absorbance against time at λ = 450 nm.
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(d) Michaelis–Menten plot at λmax = 400
nm.
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(e) Michaelis–Menten plot at λ = 425 nm.
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(f) Michaelis–Menten plot at λ = 450 nm.

(g) Substrate concentration colours indicator.

Figure 3.1: Alkaline phosphatase kinetics in 0.2 M phosphate buffer at 7.0 pH and
25 ◦C, containing 2 nM of 6630 U/mg alkaline phosphatase and (0.025 mM, 0.05
mM, 0.1 mM, 0.2 mM, 0.4 mM, 0.8 mM, 1.6 mM, 3.2 mM, 6.5 mM, and 13.5 mM)
of pNPP.
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The Michaelis–Menten constant Km ≈4.0 mM, was found to be consistent across
the three different wavelengths, where the maximum reaction rate Vmax decreased
as we move away from the peak absorbance wavelength λmax.

Figure 3.2 displays the absorbance spectra of the substrate pNPP at three known
concentrations. The inset of the figure emphasizes the tail of the curves, revealing
that a substantial contribution to the signal from the substrate is still present at 400
nm, yet diminishes significantly beyond 420 nm. While there is a slight increase in
absorbance above 420nm, it is insignificant and could be attributed to background
correction. This observation indicates that the signal at wavelengths above 420 nm
is less likely to interfere with the substrate pNPP spectrum.

Figure 3.2: The substrate pNPP in tris-HCl buffer at 7.6 pH spectrum shows ab-
sorbance at λ = 400 nm that indicates the observed interference in Figure 3.1a.

3.1.2 Alkaline Phosphatase Kinetics in Tris-HCl Buffer

As mentioned earlier, alkaline phosphatase is an enzyme that functions optimally at
a pH of 7.5 - 9.0, so it is expected to have higher activity in a tris-HCl buffer at a pH
of 7.6 compared to a phosphate buffer at a pH of 7.0. However, it is also essential
to consider other factors that may affect enzyme activity, such as the presence of
inhibitors or activators and the ionic strength of the solution. These factors may
also contribute to any differences in enzyme activity observed between the tris-HCl
buffer and the phosphate buffer.
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The enzyme alkaline phosphatase was studied in a tris-HCl buffer at pH 7.6 and
25°C. The kinetics of the enzyme were determined by measuring the absorbance
at 400 nm over time. It was observed that the absorbance was linear at short
times (< 4 min), but eventually saturated as seen in the green and blue curves in
Figure 3.3a, which correspond to lower substrate concentration. The reaction rates
were measured by linearly fitting the data at small time values and then plotting
the reaction rate v (in the units of OD/min) against substrate concentration on a
Michaelis-Menten plot as shown in Figure 3.3b. The data were fit to the Michaelis-
Menten equation 1.23, allowing the determination of the kinetic constants that were
found to be consistent with other published work [40].
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(a) Absorbance against time at λmax = 400 nm.
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(b) Michaelis–Menten plot at λmax = 400 nm. The colours in (b) are
coordinated with these in (a).

Figure 3.3: Alkaline phosphatase kinetics in 1 M tris-HCl buffer at 7.6 pH and 25
◦C, containing 0.2 nM of 6630 U/mg alkaline phosphatase and (0.0025 mM, 0.025
mM, 0.05 mM, 0.1 mM, 0.2 mM, 0.4 mM, 0.8 mM) of pNPP.
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Alkaline phosphatase was found to be much more active in tris-HCl buffer at 7.6
pH and the same 25 ◦C temperature. The obtained Michaelis–Menten constant in
tris-buffer Km ≈0.05 mM (much lower than 5 mM in phosphate buffer), indicates
that alkaline phosphatase has more affinity to its substrate in the tris-HCl buffer.
The higher alkaline phosphatase activity requires a much smaller amount of its
substrate (pNPP) to study its kinetics. Here, we used a range from 0.0025 mM to
0.8 mM. For such a small amount of pNPP, the interference issue at λmax = 400 nm
is negligible and did not appear in Figure 3.3a.

3.2 Conclusion

Measuring the increase of the yellow pNP product (i.e. the reaction rate v) by
spectroscopy during the alkaline phosphatase catalyzed reaction at a fixed alkaline
phosphatase concentration with different substrate (pNPP) concentrations yields
a correlation between the substrate concentration and reaction rate v that follows
the Michaelis–Menten relation. Michaelis–Menten constant (Km) for alkaline phos-
phatase; the inverse measure of alkaline phosphatase affinity for its substrate pNPP
obtained by fitting the reaction rate v against substrate concentration, found to be
much lower in tris-HCl buffer at 7.5 pH than it was in phosphate buffer at 7.0 pH
(0.05 mM > 4 mM). Since alkaline phosphatase appears to be much more active in
tris-HCl buffer, we were able to study its kinetics at low enzyme concentration (0.2
nM) compared to phosphate buffer (2 nM), which becomes handy when studying
the enzyme activity of an alkaline phosphatase functionalized colloids in the next
chapter. Shifting away from the absorbance peak λmax of the product (pNP) in
order to avoid the absorption interference of the substrate (pNPP) with the product
(pNP) gave consistent results of the Michaelis–Menten constant (Km= 4 mM) in
phosphate buffer at the three absorbance wavelengths (400 nm, 425 nm, 450 nm)
with the highest wavelength showing the least overlay with substrate absorbance.
In tris-HCl buffer, the absorption interference between the substrate (pNPP) and
the product (pNP) was negligible due to using a small amount of the substrate in
the solution.

22



Chapter 4

Alkaline Phosphatase Functionalized
nanoparticles

4.1 Alkaline Phosphatase Glutaraldehyde Coupling
to Nanoparticles

The nanoparticles used in this study are 200 nm diameter spheres purchased from
MilliporeSigma with amine group surface functionalization. The alkaline phos-
phatase molecules were attached to the nanoparticles’ surface using glutaraldehyde
coupling. The reaction of binding the alkaline phosphatase enzyme to a 200 nm di-
ameter nanoparticle is shown in Figure 4.1. The glutaraldehyde attaches to an amine
group on the surface of the nanoparticles in step A. The glutaraldehyde then binds to
an amine group on the alkaline phosphatase enzyme in step B. Step C simply high-
lights that most amine groups on a nanoparticle’s surface are enzyme functionalized,
as in step B. Polysciences Inc [8], used to sell a glutaraldehyde coupling kit with a
hollow fibre filtering system that is suitable for attaching proteins to nanoparticles.
Unfortunately, this product is discontinued and not available anymore. However,
we followed their protocol in order to attach the alkaline phosphatase molecules to
the particles.
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Figure 4.1: Attachment of the enzyme alkaline phosphatase on 200 nm particles.
A) Glutaraldehyde binds to the amine group on the surface of the particles, B)
Glutaraldehyde binds to the amine group on the enzyme, C) The reactions in (A)
and (B) occur many times, in parallel, to coat the particles with enzymes giving a
200 nm alkaline phosphatase functionalized nanoparticles. The Enzyme structure
in the graph was extracted from the PDB file [7], and the chemical structures are
adopted from the technical data sheet [8].

4.1.1 Synthesis of Alkaline Phosphatase Functionalized nanopar-
ticles

This section presents a comprehensive guide to the synthesis of AP-functionalized
nanoparticles, which is elaborated in detail in the Appendix 5.1.

The protocol involves the use of six solutions, referred to as vial A, vial B, vial
C, vial D, vial E, and vial F. Vial A is a solution of 16.6 mg/ml of 200 nm amine-
functionalized polystyrene nanoparticles in Dulbecco’s phosphate-buffered saline
(DPBS). Vial B is a solution of 18% glutaraldehyde in DPBS. Vial C is an al-
kaline phosphatase solution at a concentration of 1.84 mg/ml or 13.14 mM (12.5
kU/ml) in DPBS. Vial D is a solution of 0.2 M ethanolamine in DPBS. Vial E is a
solution of 1 mg/ml of Bovine Serum Albumin (BSA) in DPBS. Vial F is a solution
of Tris-HCl buffer at pH 7.6.

A series of chemical and physical steps were used to synthesize alkaline phos-
phatase functionalized nanoparticles. Vial A, containing 16.6 mg/ml of 200 nm
amine-functionalized polystyrene nanoparticles in DPBS, was mixed with vial B,
containing 18% glutaraldehyde in DPBS. The solution was rotated at room temper-
ature for 6 hours, allowing the glutaraldehyde molecules to react with the amino
groups on the nanoparticles’ surface. The solution was then centrifuged and re-
dispersed in DPBS several times, followed by treatment with ultrasound waves using
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an ultrasonic bath for 3 minutes. Vial C, containing 0.43 ml of alkaline phosphatase
at a concentration of 1.84 mg/ml or 13.14 mM (12.5 kU/ml) in DPBS, was then
added to the solution and rotated at room temperature for 18 hours, allowing the
enzyme molecules to react with the glutaraldehyde molecules on the nanoparticles’
surface. The solution was mixed with vial D, containing 0.2 M ethanolamine in
DPBS for 30 minutes, to block unreacted sites on the nanoparticles’ surface. The
solution was washed several times with vial E, containing 1 mg/ml of BSA in DPBS,
BSA blocks any remaining polymer particle surfaces and minimizes nonspecific pro-
tein binding in downstream assays. Finally, the solution was washed with vial F,
containing 0.1 M Tris-HCl buffer at pH 7.6, to remove excess reagents or contam-
inants. The final sample was alkaline phosphatase functionalized nanoparticles in
Tris-HCl buffer, with a concentration of 7.14 mg/ml and a particle size of 200 nm.

4.2 (Alkaline Phosphatase)-nano Particles Enzyme
Activity and Diffusivity

At this point, we can not be sure whether we successfully functionalized our particles
with enzymes or not. However, if the particles show enzymatic activity, that will be
a robust clue that indicates the success of our protocol.

4.2.1 Enzyme Activity

Before testing the enzymatic activity of our alkaline phosphatase functionalized
particles, it is necessary to exclude any other enzymatic activities associated with
the free enzymes if they exist in the sample or with the nanoparticles if they catalyze
the reaction. We tested the enzymatic activity of the supernatant after washing
the particles multiple times in tris-HCl buffer 1 M, pH 7.6 at room temperature
by mixing it with the substrate p-nitrophenylphosphate (pNPP) where the final
substrate concentration is 7.07 mM. Also, an enzyme activity test was done on the
bare amine-modified 200 nm nanoparticles in tris-HCl buffer 1 M, pH 7.6 at room
temperature by mixing them with 7.07 mM of the substrate. Figure 4.2a shows the
results of measuring the absorbance of the supernatant with the substrate pNPP
at 400 nm wavelength over time, using a Cary 6000i UV-Vis Spectrometer. The
graph indicates that there is a minimal decrease in absorbance after 0.5 minutes,
likely due to background correction, but no increase in absorbance is observed.
Similarly, Figure 4.2b presents the absorbance of bare 200 nm nanoparticles with
the presence of the substrate pNPP at 400 nm wavelength against time, measured
using the same Cary 6000i UV-Vis Spectrometer. This graph also shows no increase
in absorbance over time. It is important to note that figures 4.2a and 4.2b have a
vertical absorbance scale of 40× 10−3. Therefore, any slight variations observed in
these figures will be lost in the noise of subsequent figures. Both supernatant and
bare particles show no enzymatic activities as shown in Figure 4.2, which means any
other enzymatic activity may show up when testing the functionalized particles is
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exclusive for the attached alkaline phosphatase on the particles.
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(a) The fourth supernatant and 7.07 mM of pNPP in tris-
HCl buffer 1 M, pH 7.6.
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(b) 1 mg/ml of bare amine modified 200 nm nanoparticles
and 7.07 mM of pNPP in tris-HCl buffer 1 M, pH 7.6.

Figure 4.2: The absorbance at 400 nm over time for the solutions (a) and (b),
indicates the absence of enzymatic activity at temperature 24◦ C.

A test of enzymatic activity on the alkaline phosphatase functionalized parti-
cles was carried out by dispersing the functionalized particles in tris-HCl 1 M, pH
7.6, at 25◦, then adding different amounts of the substrate pNPP while keeping the
functionalized particles concentration fixed at 0.1 mg/ml. In Figure 4.3a, the ab-
sorbance at 400 nm wavelength over time is plotted for multiple samples with varying
substrate concentrations and a fixed concentration of functionalized particles. The
graph demonstrates that as time progresses, the absorbance of the samples increases
linearly. In contrast with bare alkaline phosphatase kinetics shown in Figure 3.3a
where the linear region extends to about 4 minutes, here it seems to extend to at least
15 minutes. Figure 4.3b shows the reaction rate calculated using the slopes from
Figure 4.3a, plotted against the substrate concentration. A significant increase of
the absorbance at λ = 400 nm was observed, and hence there is an enzymatic activ-
ity associated with the functionalized particles. By fitting the reaction rates against
substrate concentration, the Michaelis–Menten constant Km = (0.065± 0.004) mM,
was found to be consistent with bare alkaline phosphatase, Km = (0.054 ± 0.008)

mM. However, the maximum reaction rate Vmax is about a factor of 10, smaller than
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for bare alkaline phosphatase.
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(a) Absorbance against time.
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(b) Michaelis–Menten plot. The colours in (b) are coordinated
with these in (a).

Figure 4.3: Alkaline phosphatase functionalized particles kinetics in 1 M of tris-
HCl buffer, pH 7.6 at 25◦, at functionalized particles concentration 0.1 mg/ml with
substrate concentrations 0.04 mM, 0.08 mM, 0.16mM, 0.32 mM, 0.67 mM and 1.35
mM.

Since enzymes are attached to 200 nm size particles, it is fairly easy to collect
those enzyme functionalized particles by centrifuging them after they catalyze the
reaction, while collecting tiny bare alkaline phosphatase (≈140 kDa) is a much more
complicated process. Since enzymes are not used up by the reaction and can be
re-used again, we expect the enzyme functionalized particles to be recoverable. In
other words, these particles are capable of catalyzing the reaction over and over. The
alkaline phosphatase functionalized particles were collected after catalysis during the
enzyme kinetics measurement, shown in Figure 4.3, by centrifuging the solutions
for 15 minutes at 10◦C and then re-dispersing them in 1 M of tris-HCl buffer at
7.6 pH. By measuring the recovered enzyme functionalized particles’ kinetics, the
kinetics constant, Km = (0.063± 0.005) mM, was found to be the same as the first
use constant. By recovering the enzyme functionalized particles multiple times and
measuring their kinetics, the constant Km was the same as shown in Figure4.4 which
shows the Michaelis-Menten plots for the recovered, once and four times, alkaline
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phosphatase functionalized particles compared to the Michaelis-Menten plot of the
original alkaline phosphatase functionalized particles carried out from Figure 4.3b.
However, the constant Vmax is getting smaller each recovery, most likely due to losing
some enzyme functionalized particles during the recovery process. With that being
said, our alkaline phosphatase functionalized particles are easily recoverable and can
be reused.
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Figure 4.4: Michaelis–Menten plot for first used, recovered once and recovered four
times alkaline phosphatase functionalized particles.

4.2.2 Diffusivity

After successfully attaching alkaline phosphatase to spherical 200 nm particles, the
main question is whether DDM and DLS can observe enhanced diffusion. In order to
build a ground for comparison, the diffusion coefficients were measured for the bare
200 nm particles, and the alkaline phosphatase functionalized particles dispersed in
tris-HCl buffer at 7.6 pH. Then, by mixing the alkaline-phosphatase-functionalized
particles with the substrate pNPP in tris-HCl buffer at 7.6 pH with final concen-
trations of 1 mg/ml and 1.35 mM of the functionalized particles and the substrate
pNPP, the diffusion coefficient during catalysis was measured using DDM. The so-
lution after the experiment was yellow, which means the functionalized particles
were catalyzing the reaction. However, the diffusion coefficient results in Figure 4.5
which shows the diffusion coefficient of the bare nanoparticles, alkaline phosphatase
functionalized nanoparticles without the substrate pNPP, and alkaline phosphatase
functionalized particles over time during catalysis show no enhancement in the diffu-
sion during catalysis. By repeating the measurements using DLS at concentrations
0.15 mg/ml and 0.62 mM for the functionalized particles and the substrate pNPP,
no enhanced diffusion was observed as shown in Figure 4.6.

Notably, there is a small decrease in the diffusion coefficient from colloid to alka-
line phosphatase functionalized colloid. This decrease is about 5% and could arise
from a small increase in the hydrodynamic radius due to enzyme functionalization.
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Figure 4.5: Diffusion coefficient by DDM for 200 nm bare particles (black), 200 nm
alkaline phosphatase functionalized particles (blue) and 200 nm alkaline phosphatase
functionalized particles during catalysis (yellow).
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Figure 4.6: Diffusion coefficient by DLS for 200 nm bare particles (black), 200 nm
alkaline phosphatase functionalized particles (blue) and 200 nm alkaline phosphatase
functionalized particles during catalysis (yellow).

The absence of enhancement in the diffusion coefficient shown in Figures 4.5 and
4.6 could be due to a combination of uniformly distributed enzymes on the particles
and small enzyme coverage on the particles. However, one of those possibilities can
be excluded, as we will discuss in the future work Section 4.4. Moreover, perhaps
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the energy arising from the enzyme-complex coming apart is not enough to push the
particles, where the observed enhancements in the diffusion using FCS mentioned
in Section 1.5 maybe come from the artifacts of dissociation and surface binding, as
was suggested by Gunther et al [28, 29].

4.3 Conclusion

Amine-modified polystyrene spherical particles with 200 nm diameter, were success-
fully functionalized with alkaline phosphatase using glutaraldehyde coupling. It was
fascinating to see the enzymatic activity of the functionalized particles with kinetics
constant, Km = (0.065 ± 0.004) mM, roughly the same as the bare alkaline phos-
phatase, Km = (0.054±0.008) mM. Even after recovering and washing the particles
multiple times, their enzymatic activity was the same as the fresh functionalized par-
ticles. After confirming at the same time that the enzymes were catalyzing substrate
effectively under nearly identical conditions and samples as the diffusion measure-
ments, no enhancement in the diffusion coefficient of 200 nm alkaline phosphatase
functionalized particles was observed during catalysis using DLS and DDM.

4.4 Future Work

As a next step in our research, we plan to explore the functionalization of parti-
cles with enzymes other than alkaline phosphatase. We will specifically look into
the enzyme urease, which was used in the initial few studies that claimed an en-
hanced enzyme diffusion during catalysis. We will use a combination of different
methods, including the FCS method and non-FCS methods such as dynamic light
scattering (DLS) and dynamic diffusion microscopy (DDM), to assess the validity of
this effect. We can better understand the diffusion behaviour of the enzyme during
catalysis and establish whether any reported improvements are caused by real effects
or fluorescence-related errors by comparing the data from these various techniques.

In addition to studying the functionalization of particles with various enzymes,
we also intend to look at the impact of particle size on any enhancements in diffusion
that may occur during catalysis. We want to explore the enhanced diffusion of
various-sized functionalized particles with enzymes. We can better understand the
enhancement as a function of particle size by considering how particle size and the
observed enhancements in diffusion relate to one another.

To ensure breaking down the symmetry of the enzyme molecules distribution
on the surface of the particles, we attend to use half gold-coated particles, which
allows coating only one side of the surface of the particles with enzymes resulting in
nonuniformly distributed enzymes on the particles.

In summary, we have established a methodology to carry out a conclusive test
of enhanced diffusion of enzymes.
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Chapter 5

Appendices

5.1 Step-by-Step Guide to AP-Nanoparticle Syn-
thesis

5.1.1 Preparing The Solutions

• Vial A, 16.6 mg/ml of 200 nm amine functionalized polystyrene spherical
particles, dispersed in water from Millipore Sigma, in Dulbecco’s phosphate-
buffered saline (DPBS), purchased from Millipore Sigma, prepared as the fol-
lowing:

1. Add 1 ml of (275 - 304) mOsm/kg DPBS to 0.5 ml of 25 mg/ml amine
functionalized polystyrene particles (diameter = 200 nm) in water.

2. Centrifuge for 8 minutes at 150000 RPM, 20353×g, 10◦C. Then, concen-
trate to 0.75 ml, add 1 ml of DPBS and mix gently by hand until the
particles are well dispersed.

3. Repeating step 2 two more times gives 1.75 ml of 7.14 mg/ml of amine-
functionalized polystyrene particles dispersed in DPBS.

4. Applying ultrasound waves using the ultrasonic bath BRANSON 8510 on
the sample for 10 minutes at temperature 24◦C will get rid of any aggre-
gation after centrifuging and redispersing multiple times in the previous
steps.

• Vial B, 18% glutaraldehyde in DPBS.

• Vial C, 0.43 ml of alkaline phosphatase 1.84 mg/ml, 13.14 mM (12.5 kU/ml)
in DPBS.

• Vial D, 0.2 M ethanolamine in DPBS.

• Vial E, 1 mg/ml of bovine serum albumin (BSA) lyophilized powder, pur-
chased from Millipore Sigma, was dissolved in DPBS.

• Vial F, tris_HCl 0.1M, pH 7.6 buffer.
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5.1.2 The Procedure

1. Mix 0.75 ml of vial B with 1 ml of vial A on a tube rotator at 30 RPM at
room temperature for 6 hours to attach the glutaraldehyde molecules with the
amino group on the surface of the particles.

2. Centrifuge for 5 minutes at 150000 RPM, 20353×g, 10◦C, then concentrate to
0.25 ml, add 1 ml of DPBS and mix until the particles are fully dispersed.

3. Repeat step 2 two more times.

4. Centrifuge again same as for step 2, but this time remove all the supernatants.
Then, re-disperse the particles in DPBS until the total volume is 1.25 ml.

5. Apply ultrasound waves using the ultrasonic bath BRANSON 8510 for 3 min-
utes at temperature 24◦C.

6. Add Vial C to the solution and mix on a tube rotator at 30 RPM at room tem-
perature for 18 hours of occupation time in order to attach enzyme molecules
to the glutaraldehyde on the surface of the particles.

7. Centrifuge for 5 minutes at 150000 RPM, 20353×g, 10◦C and remove all the
supernate, then re-disperse in DPBS until the total volume is 1 ml.

8. Add 1 ml of Vial D and mix on the tube rotator at 30 RPM for 30 minutes.
This step serves to block unreacted sites on the particles.

9. centrifuge for 5 minutes at 150000 RPM, 20353×g, 10◦C and concentrate the
sample to 0.75 ml.

10. Add 0.75 ml of Vial E.

11. Centrifuge for 5 minutes at 150000 RPM, 20353×g, 10◦C and remove all the
supernate.

12. Add Vial E until the total volume is 1.25 ml. The BSA should block any
remaining polymer particle surfaces and minimize nonspecific protein binding
in downstream assays.

13. Centrifuge for 5 minutes at 150000 RPM, 20353×g, 10◦C and concentrate to
0.75 ml. Then, add 0.75 ml of Vial F.

14. Repeat step 13 two more times.

15. Centrifuge again same for as step 13 but remove all supernate this time and
re-disperse in Vial F until the total volume is 1 ml.

16. Extra washes by repeating step 15 three times were done (supernatant was
saved for free enzymes test in 4.2.1).

The final sample is 1 ml of 7.14 mg/ml of 200nm AP(alkaline phosphates)-nP(nanoparticles)
in Tris_HCl 0.1 M, pH 7.6 stored at 4◦C.
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