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Abstract

Hyperosmotic stress is the condition of increased cellular osmotic pressure and is linked

to a number of mammalian diseases. One such disease is diabetes mellitus, which is

characterized by a state of elevated blood glucose concentration which eventually can

lead to such issues as a leakage of fluids from the blood vessels into the surrounding

eye tissue. The resulting increase in osmotic pressure of the eye can lead to the

eventual vision loss which is seen in diabetic patients. Other examples of hyperosmotic

condition exist in nature, one such case being found in Rainbow Smelt. In this case,

smelt are capable of surviving in colder water environments by increasing the osmotic

pressure of their bodily fluids, including within the eye. This increase in osmotic

pressure depresses the freezing point of their bodily fluids, allowing for adaptation to

colder climates. However, the fish’s vision isn’t impacted by the hyperosmotic state.

The object of this work is to study the key structural and mechanical properties of

sections of rainbow smelt eye using Atomic Force Microscopy (AFM). Two subgroups

of smelt were studied: ones raised in a warm water environment that show no hyperos-

motic conditioning, and ones raised in a cold water environment which show elevated

osmotic pressures in the eye. Comparisons between the two smelt subgroups were

made in both dry and hydrated environments. By determining any key structural,

mechanical, or chemical changes in the cold smelt eye, we hope to better understand

the hyperosmotic conditioning that takes place within the eye.
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Chapter 1

Introduction

1.1 Hyperosmotic Condition

Homeostasis, or the process of maintaining stability within a system, is extremely

important for all living organisms [1]. In the case of the mammalian body, homeostasis

is required for many biological functions to occur properly, and any drift from an

optimal environment could have adverse or lethal consequences. Factors such as

pH [2], body temperature [3], blood glucose concentration [4], and cellular copper

concentration [5] are maintained within their optimal ranges through various feedback

loops within the body.

Along with the various properties listed above, another important physiological

factor to consider is the tonicity of the cellular environment. In biophysics, the tonicity

of a cell refers to the solute concentration difference between the interior of the cell

and its external environment [1]. Depending on the solute concentrations within the

system, there are three relationships that the environments can have with each other.

Under ideal conditions, when the solute concentrations inside the cell are equal to that

of the extracellular medium, then the environment is considered to be isotonic. In

1



2

this scenario, no concentration gradient exists between the two environments; water

flows in and out of the cell at equal volumes resulting in no deformation to the cell

structure, as illustrated in Figure 1.1.

Figure 1.1: Schematic showing hypertonic (left), isotonic (centre), and hypotonic
(right) conditions of a cell.

However, when the solute concentration outside the cell is larger than inside the

cell, the extracellular solution is considered hypertonic [1]. Under these conditions,

the concentration gradient between the cell interior and exterior results in a net flow

of water out of the cell. The loss of water results in the cell to shrink in size, which can

be seen in Figure 1.2. In comparison, when the solute concentration inside the cell is

larger than its surroundings, the extracellular solution is considered hypotonic. Water

from the surrounding environment enters the cell due to the concentration gradient,

causing it to swell and possibly lyse (burst).

The relationship between a cell and its external environment can also be expressed

using osmotic pressures [6]. The osmotic pressure is defined as the minimum pressure

required to prevent the spontaneous inward flow of water from the environment into

the cell. In an isotonic environment, the osmotic pressure of the solutions both inside

and outside the cell are equal, allowing no net flow of water in the environment. When
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Figure 1.2: Scanning Electron Microscope (SEM) image showing red blood cells under
hypertonic (left), isotonic (centre), and hypotonic (right) conditions. Public Domain
(Wikimedia Commons, created by user Zephyrus)

the osmotic pressure outside the cell is larger than inside the cell, the extracellular

environment is considered hypertonic, and water will flow into the cell. For a hy-

potonic solution, the osmotic pressure inside the cell is greater than its extracellular

environment, causing a net flow of water out of the cell. To determine the osmotic

pressure Π of a solution, the Morse equation can be used:

Π = iMNAkbT (1.1)

whereM is the molarity of the solution, NA is Avogadro’s Number (6.022×1023 mol−1),

kb is the Boltzmann constant (1.3806×10−23 J K−1), T is the temperature of the sys-

tem, and i is the van ’t Hoff Factor, a value describing the degree of dissociation of the

solutes in solution. When working with osmotic pressures, often one describes con-

centrations using osmolarity over molarity. An osmole (abbreviated osmol) describes

the total number of solutes which contribute to the overall osmotic pressure of the

solution, and as such osmolarity can be defined as the number of osmoles per litre of

solution (osmol/L) [6], and can be determined by the following equation:
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osmolarity =
∑
i

ϕiniMi (1.2)

where for solute i, M is the molar concentration, n is the number of ions in which the

solute dissociates in to in the solution, and ϕ is the osmotic coefficient, which can be

estimated as the degree of dissociation of the solute molecules.

In biophysics, it is common to describe cellular environments through the internal

cell conditions as opposed to the external solution as described above. As such,

a cell placed in a hypotonic external solution can easily be described based on its

internal environment. In this case, the osmotic pressure inside the cell is greater

than its extracellular environment, and hence the cell interior can be described as

hypertonic or hyperosmotic. The same applies with a cell placed in a hypertonic

solution; the osmotic pressure of the extracellular environment is higher than that of

the intercellular environment, and the interior of the cell can be described as hypotonic

or hypoosmotic. [7]

1.1.1 Diabetes Mellitus

Diabetes mellitus is a metabolic disease characterized by an increased state of blood

glucose levels (hyperglycemia), which is a direct result of either improper insulin

secretion from the pancreas or improper insulin action within the body [8]. Diabetes

mellitus, commonly just called diabetes, is widely growing across the world, with an

estimated 381.8 million people between the ages of 20 and 70 having the disease, a

number which is estimated to grow to 591.1 million by the year 2030 [9].

There are two main types of diabetes: type 1 and type 2. Type 1 diabetes is

prevalent in only 3–4% of the population which suffer from the disease [10], and

is characterized by the destruction of pancreatic β-cells by the immune system [8].
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Table 1.1: Statistics showing the number of diabetes mellitus cases worldwide in 2013
as published in Diabetes Research and Clinical Practice [9]

People with National prevalence in
Region diabetes (aged 20-79) population (aged 20-79)

in millions (% of population)
Africa 19.8 4.9
Europe 56.3 8.5

Middle East & North Africa 34.6 10.0
North America & the Caribbean 36.7 11.0

South & Central America 24.1 8.0
South-East Asia 72.1 8.2
Western Pacific 138.2 8.6

Worldwide 381.8 8.3

Without the functioning β-cells to produce the insulin peptide, excess glucose in

the blood stream is not removed, resulting in hyperglycemia. In comparison, type

2 diabetes is characterized by an insulin resistance or insulin deficiency within the

body, and accounts for most of the other diagnosis [8]. Upon initial screening, insulin

levels in the body may appear normal, however the inability for the β-cells of the

pancreas to produce higher amounts of insulin to compensate for increased blood

glucose concentrations is a tell-tale sign of type 2 diabetes.

The dangers of uncontrolled blood glucose concentrations are well understood, and

includes damage of vital organs such as the kidneys, heart, and nervous system [8].

Another huge consequence of diabetes is the risk of diabetic retinopathy, a disease

characterized by an increase in leakage of retinal blood vessels into its surroundings,

resulting in a lack of blood supply to the retina (retinal ischemia) [11], which can be

seen in Figure 1.4.

Leakage from retinal blood vessels can lead to a complication in the eye called

macular edema, where the retina and macula swell and harden, resulting in impaired

vision and eventual vision loss [13, 14]. The process of blood vessel leakage and sub-

sequent cellular swelling is caused by the hyperglycemic state of blood within the
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Figure 1.3: The structure of the human eye [12]

vessels, resulting in physical and chemical changes of the vessels, ultimately leading

to a blood-retinal barrier breakdown.

Figure 1.4: Angiogram of a human eye showing the leakage from the blood vessels
(circular pools of fluid on far left of image) [15]

Due to the continued hyperglycemic state of the blood in diabetic patients, dia-

betes is considered a hyperosmotic disease [7]. Hyperglycemia of the blood results in

higher concentrations of glucose within the cells of the retina, which in turn causes

an increase intrecellular sorbitol levels [14]. This, along with the leakage of proteins
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and fluids into the retina from the blood-retina barrier breakdown, results in an over-

all increase in osmotic pressure of the retina [12], as predicted by equation 1.1. In

addition to other complications related to diabetes [16], the increase in cellular os-

motic pressure causes water to flow freely into the cells from the extracellular matrix,

swelling, and resulting in eventual vision loss [14].

1.1.2 Rainbow Smelt and Hyperosmotic Conditions

As seen in Section 1.1.1, hyperosmotic stress can have a profound effect on ones

health, and can lead to issues such as vision loss in diabetic patients. There are

other examples of hyperosmotic condition existing in nature, one of which being in

the teleost subclass of fish [17]. Under normal conditions, the expected bodily fluids

freezing point in teleosts is approximately −0.65 ◦C. However in locations such as

the North Atlantic ocean, water temperatures in the winter months often reach below

−1.0 ◦C [18]. In response, teleost fish have a cysteine-rich antifreeze protein which

helps reduce the freezing point of their fluids, however they are also unique in that

they have higher levels of glycerol, urea, and trimethylamine oxide in their body [19].

These compounds increase the osmotic pressure of the teleost bodily fluids to a near

isosmotic state with the surrounding seawater, depressing the freezing point, and thus

adapting to the cold water environment without freezing.

Research performed by Robert Gendron [19] specifically studied the rainbow smelt

(Osmerus mordax) subspecies of telost, which are common to the waters of the North

Atlantic ocean. The smelt were collected and split into two sub-groups: the first

were placed in a tank held at a constant “warm” water temperature of 8–10 ◦C, and

the others were placed in a tank that where water temperature tracked the ambient

temperature of the North Atlantic ocean, where during the winter months the tem-

perature would drop below a “cold” 0.5 ◦C.
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Figure 1.5: The glycerol concentrations of the rainbow smelt blood plasma and vit-
reous humor, showing the difference between the fish raised in warm and cold water
environments [19]

Analysis of both the smelt blood plasma and vitreous humor (fluid of the eye) was

performed to determine their glycerol levels and osmotic pressures. As seen in Figure

1.5, elevated glycerol concentrations are present in both the blood plasma and vitreous

humor of the fish raised in the cold water environment. This result is consistent with

previous studies performed on blood plasma of rainbow smelt [17], however this was

the first report of glycerol accumulation in the vitreous humor of a telost fish.

Elevated glycerol levels in the cold environment rainbow smelt directly correlated

with an increase in osmotic pressure of the vitreous humour as seen in Figure 1.6 [19].

Based on the osmotic pressures, the freezing points for the cold and warm smelt vit-

reous fluids were calculated as −1.20± 0.9 ◦C and −0.62± 0.03 ◦C respectively. This

freezing point depression in the cold water fish is sufficient enough to prevent bodily

fluids from freezing during the cold winter months. Hence we can conclude that rain-

bow smelt have a hyperosmotic adaptation in which they prevent freezing during the

winter months by accumulating glyerol and other osmolytes to increase the osmotic
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pressure of their bodily fluids, including in their eyes. However, very little is known

on how the structure or physical properties of the smelt eye may be affected by the

hyperosmotic conditioning.

Figure 1.6: Osmotic pressure of the vitreous humour fluid of rainbow smelt raised in
both warm and cold water environments [19]

1.2 Atomic Force Microscopy

Atomic Force Microscopy (AFM) is a scanning probe method which can be used to

gather mechanical and topographical information of many types of materials, and, un-

der the ideal conditions, is able to achieve atomic resolution [20]. In simplest terms,

AFM works by monitoring the interactions between an AFM tip (with a radius typ-

ically between 10–50 nm) and the sample being studied. Highly sensitive electronics

within the instrument monitor this tip-sample interaction, the results of which pro-

duces a topographic image. A more in depth explanation of how each type of AFM

imaging will be given in Sections 1.2.1 and 1.2.2.



10

Figure 1.7 shows the set up for a typical AFM experiment. A cantilever with a

tip is loaded into the cantilever holder and a laser is then aligned onto the back of

the tip. This laser is directed off the back of the tip into a photodiode array which

compiles the laser deflection data and sends it to the detector. Movement during the

scan is controlled through a piezoelectric actuator (labelled PZT in Figure 1.7), which

moves the sample during the scan. A raster scan is performed during the experiment,

in which the AFM tip scans along the surface in one direction (x), collects data, and

then returns back to the point of origin of the scan [21]. From here, the sample is

moved a pre-determined distance in the (y) direction, and another scan across the

sample is performed. The spacing between each line in the (y) direction and the

number of data points taken per line in the (x) direction determines the resolution of

the final AFM image: the more data collected and the smaller spacing between each

scan line will result in a more data-rich scan, and ultimately higher resolution.

Figure 1.7: Block diagram depicting a typical AFM experimental setup. Public Do-
main (Wikimedia Commons, created by user OverlordQ)

To understand how the AFM feedback loop works, an understanding of the re-

lationship between the laser and the photodiode is needed. As the AFM tip scans
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across the sample, various tip-sample forces such as electrostatics [22] and van der

Waals [23] interactions will result in the tip being bent and twisted from its original

resting position. This results in the laser path from the back of the tip to the pho-

todiode being altered. The photodiode array itself is composed of four equally-sized

segments, commonly labelled A, B, C, and D to distinguish their position, as seen in

Figure 1.8.

Figure 1.8: Schematic of a typical photodiode array used in AFM

The deflection value of the laser is determined by monitoring the laser intensity

in each quadrant of the photodiode, and can be expressed mathematically using the

following equation:

Deflection = (A+B)− (C +D) (1.3)

where the values of A, B, C, and D are the respective laser intensity in each quadrant.

Before each experiment, the photodiode can be moved to set the total deflection value

to a desired set point for the scan. As the tip scans along the sample surface, the

bending of the AFM tip will cause the deflection value at the photodiode array to

change from the initial set value, and this information is then sent to the built-in
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feedback loop. This mechanism is the basis behind contact mode AFM, a standard

topographic method used to image samples, which will be further outlined in 1.2.1.

1.2.1 Contact Mode AFM

Contact mode AFM is the most basic of AFM imaging techniques and was published

by Binnig et. al. in their paper proposing the new scanning probe method [24].

As the AFM tip is brought towards the surface of the sample, van der Waals and

electrostatic forces act upon the tip as seen in Figure 1.9. Initially electrostatics and

van der Waals forces between the tip and the sample are net attractive, however as

the tip-sample separation decreases the net force between the two becomes repulsive.

This net repulsion is caused by the Born repulsion due to the electronic orbital overlap

of the tip and the sample [25].

Figure 1.9: Force-distance curve showing the net force on the AFM tip in each imaging
mode. Public Domain (Wikimedia Commons, created by user KristinMolhave)

As the tip comes in contact with the sample, the overall net repulsive force on the

tip is on the magnitude of 10−9 to 10−10 N [26]. The force acting upon the tip can be

related to the laser deflection through Hooke’s Law:
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F = −kcx (1.4)

where F is the force acting on the tip, x is the cantilever deflection value, and kc is

the spring constant of the AFM tip (typically on the order of magnitude of 0.1 N/m).

The desired force during the scan can be input as a set point value prior to bringing

the tip into contact with the surface, and can be changed in between scans if desired.

The feedback loop for contact mode imaging is dependent on keeping the force

acting on the tip constant, which is monitored through the cantilever laser deflection

as seen in equation 1.4 [24]. As the tip scans across the surface, variations in height

of the sample will result in a change in the repulsion force felt by the tip. These

changes correspond with a change in the cantilever laser deflection value, as changes

in the forces felt by the tip will result in the tip bending, changing the incident angle

of the laser reflecting off the cantilever to the photodiode array. The change in laser

deflection (and hence force) will alert the feedback electronics in the AFM that the

value has drifted from the set point, resulting in a voltage being applied to the z-axis

piezoelement to move the sample (or tip, depending on the AFM instrument) up or

down to restore the laser deflection back to the original set point. This applied voltage

is what determines the height profile of the surface, and the output is a typical AFM

topography image.

1.2.2 Tapping Mode AFM

Tapping mode AFM, also known as amplitude-modulated AFM, is a method of AFM

imaging that does not rely on the tip being in constant contact with the sample as

seen in contact mode imaging. In tapping mode, the tip is resonated at (or more

often near) its resonance frequency, and results in the tip making periodic contact, or
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“tapping” the surface being scanned [27]. The reduction in tip-sample contact time

during a topographic scan is highly advantageous due to the reduction of lateral force

felt by the tip, which will help reduce sample destruction and unwanted image artifacts

during scanning [28]. The feedback loop for tapping mode monitors the amplitude

of the tip frequency as the tip scans the surface. An initial amplitude value is set in

much the same way the force set point is used in contact mode imaging, however in

tapping mode imaging the laser deflection is not used in the feedback loop. As the tip

scans the surface, height variations will result in a dampening of the tip frequency,

resulting in a change of its amplitude compared to the initial set point. As the same in

contact mode AFM, voltage is applied to the z-axis piezoelement to move the sample

(or tip) up or down to restore the set amplitude [27].

García and Paulo [29] describe the motion of an AFM cantilever during a tapping

mode scan as a combination of tip-sample interaction (dominantly attractive as seen in

Figure 1.9), the tip excitation force, hydrodynamic damping of the tip in the medium,

and the elastic response of the tip. An equation to describe this was given as follows:

m
dz2

d2t
= −kcz −

mω0

Q

dz

dt
+ Ft,s + F0cosωt (1.5)

where F0 is the amplitude of the tip frequency, ω is the angular frequency of the

driving force, Ft,s is the net-attractive force between the sample and the tip, ω0 is the

angular resonance frequency, Q is the quality factor of the tip, and kc is the spring

constant of the tip.

In particular, the tip-sample interaction (Ft,s) in equation 1.5 can be estimated

mathematically. Assuming the AFM tip as a sphere and the sample as flat surface [29],

the tip-sample force can be estimated as:
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Ft,s(zc, z) = − AR

6(zc + z)2 (1.6)

where A is the Hamaker constant, R is the tip radius, zc is tip-sample rest distance,

and z is the instantaneous tip-sample distance, which is illustrated in Figure 1.10.

Figure 1.10: AFM tip operating in tapping mode, showing the tip-sample distance at
rest (zc) and while oscillating (z) [29]

Tapping mode imaging is especially advantageous over traditional contact mode

when working with delicate biological samples. In standard contact mode, a continu-

ous force is being applied to the sample from the tip during scanning, which can lead

to sample destruction on particularly soft biological samples. Tapping mode allows

for the collection of the same topographical information of the sample, but with min-

imal tip-sample contact, greatly reducing the chances of sample destruction during

imaging [29].

1.2.3 AFM Imaging in Fluid

Many AFM instruments are capable of producing high resolution topographic images

of samples in liquid environments along with the before-mentioned in-air methods [30].
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This is highly advantageous in the field of biology, as being able to image in fluid allows

for studies of proteins [31], individual cells [32], and tissues [33] in a more natural

aqueous environment. Both contact and tapping modes can be used for imaging

in fluid, however the disadvantages of contact mode imaging (e.g., possible sample

destruction) make it less desirable to use than tapping mode.

When moving from tapping mode imaging in air to fluid, there are a number of

physical factors which must be considered. As the tip oscillates in a fluid medium,

the hydrodynamics of the cantilever will differ significantly than of that in air. As

well, coupling of the oscillations with the low Reynolds number environment during

the scan results in a lowering of the tips resonance frequency and quality factor (Q in

equation 1.5) [34].

While little is still known about the dynamics of tips in liquid environments, two

primary considerations have been identified by Baró and Reifenberger in their pub-

lished book titled Atomic Force Microscopy in Liquid: Biological Applications [34].

The first of these is the hydrodynamics of an oscillating cantilever in a liquid environ-

ment. Under these conditions, oscillation of the AFM tip in a fluid medium introduces

an additional force acting upon the tip, known as the hydrodynamic load per unit

length, and can be calculated as [35]:

F̂hydro(x, ω) = π

4ρω
2b2Γ(ω)Ŵ (x, ω) (1.7)

where ρ is the density of the fluid medium, ω is the driving frequency of the AFM

tip, b is the cantilever width, Ŵ is fourier transform of the cantilever displacement at

position x.

The other factor to consider when imaging in fluid is the tip-sample interactions

which can be broken down into two parts: the tip-sample interaction when the tip

is near the surface, and the tip-sample interaction when in contact with the surface.
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Tip-sample interaction before contact is modelled using Derjaguin–Landau–Verwey–

Overbeck (DLVO) theory [36]:

Fts(d) = FDLV O(d) = 4πR
εεoKd

σtσse
−Kdt − AR

6z2 (1.8)

where A is the Hamaker constant, R is the AFM tip radius, z is the instantaneous

tip-sample separation distance, 1
Kd

is the Debye length, ε is Dielectric constant of the

medium (e.g., water), εo is the permittivity of free space (8.854×10−12A2s4m−3kg−1),

σt is the surface charge of the AFM tip, and σs is the surface charge of the sample.

In contract, tip-sample interaction during contact can be modelled using Derjaguin-

Muller-Toporov (DMT) theory [36]:

Fts(d) = FDMT (d) = 4E ′
√
R

3 (ao − z)
3
2 + FDLV O(ao) (1.9)

where E ′ is the effective Young’s Modulus of the sample, ao is the intermolecular

distance, and FDLV O(ao) is the solution to equation 1.8 at a tip-sample separation

equal to ao.

Basak and Raman [36] proposed a unifying model for describing the dynamics of

an oscillating AFM tip in a viscous, polar liquid, and tapping on an elastic surface as:

EI
d4w(x, t)
dx4 + pc

d2w(x, t)
dx2 = Fhydro + Fd + Fts(Zc − w(Lc, t)) (1.10)

where EI is the flexural rigidity of the tip, which is a measure of the resistance of the

tip while undergoing bending, pc is the mass per unit length of the tip, w(x, t) being

the tranverse deflection of the tip, Fhydro is the hydrodynamic dampening force seen

in equation 1.7, Fd is the force driving the tip oscillation, Zc is the tip-sample rest

distance seen in Figure 1.10, Fts is the tip-sample force as seen in equations 1.8 and

1.9, and L is the cantilever length.
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1.3 Force Spectroscopy

Shortly after the advent of AFM imaging techniques, the potential applications of the

instrument began to come to light. One such application was the ability to investigate

the molecular forces between the AFM tip acting as a sensor, and the sample being

studied [37]. This new method, named “force spectroscopy”, is capable of detecting

forces in the range of piconewtons (pN) to nanonewtons (nN) in experiments that

typically only take a few seconds to complete [37]. The range of forces that the AFM

can sense is particularly useful in biological applications as it is capable of detecting

the stronger covalent and electrostatic bonds between single molecules (nN range) [38]

as well as antibody-antigen interaction (pN range) [39].

Figure 1.11: Typical force-distance curve showing the approach and retract phase,
jump-to-contact, tip-sample adhesion, work of adhesion, plastic deformation, and
indentation of sample.

In a typical force spectroscopy experiment, an AFM tip is held at a constant x

and y position above the surface of the sample, and slowly begins moving towards

the sample in the z direction. At this point, the laser deflection is constant as the
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tip is left undisturbed. The approach of the tip towards the surface is represented

along the x-axis of the force-indentation curve, such as the one in Figure 1.11. The

“Zsnsr” represents the displacement between the sample surface resting position of

the AFM tip as a force-distance curve is taken. As the tip approaches the sample,

van der Waals and electrostatic attractive forces begin to be felt between the tip

and sample [40]. These attractive forces continue to increase as the tip moves closer

towards the sample. If the AFM tip is relatively soft (low spring constant), the

attractive forces may eventually overcome the tip resulting in the tip jumping to

contact with the sample, as seen in Figure 1.11. The tip continues to move towards

the sample in the z direction and begins indenting into sample until a pre-determined

indentation force has been reached. The applied force is controlled the same way as in

contact mode imaging (Section 1.2.1) where the force applied to the sample by the tip

is directly correlated to the laser deflection as seen in equation 1.4. Once the desired

indentation force has been reached, the z piezo element begins to move the tip away

from the sample surface, and is indicated by a new phase in the force-distance curve,

shown as the blue trace in Figure 1.11. The tip continues to retract from the sample

past the point of the initial jump to contact, where considerable tip-adhesion can be

seen [40]. Eventually the AFM tip will retract to the point where the adhesion force

is lesser than that of the tip stiffness, and the sample will jump from contact resulting

in the tip returning to its rest position.

The resulting force-distance curve (often just called force curve) are rich in data,

and can be used to determine a number of experimental parameters such as jump-

to-contact distance of the tip and sample, the force of adhesion between the tip

and sample (from the jump-from-contact). The degree of plastic deformation of the

sample can also be determined from the presence of a hysteresis in the trace and

retrace curves, where any hysteresis is indicative of the sample having some degree of
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plasticity [41] or viscoelasticity [40]. The work of adhesion can also be determined by

getting the area between the F=0 line and the retract curve [41]. One of the most

useful areas of a force curve is the indentation phase, where key information about

the stiffness of the sample can be extracted.

1.3.1 Determining the Young’s Modulus from Force

Spectroscopy

The elastic modulus, or Young’s modulus, is a mechanical property of a object which is

of great importance in biomaterials research. Knowing the Young’s modulus of a cell

or tissue is very important and can be useful in designing artificial biomaterials [42],

diagnosing disease [43], or comparing healthy and diseased tissues [44].

The Young’s modulus of a sample can be defined as the ratio of applied tensile

stress to the tensile relaxation strain on the sample, and can be mathematically de-

scribed as [45]:

Es = Stress
Strain =

F
Ao

∆L
Lo

(1.11)

where F is the force applied to the sample, Ao is the area of the applied force, ∆L is

the extension length in the direction of the stress of the sample, and Lo is the original

length of the sample. As stress has units of force per area and strain is a unit-less

ratio, Young’s modulus is recorded as a pressure, either in pascals (Pa) or pounds per

square inch (psi) [45].

The Young’s modulus of a sample can be indirectly determined from its force

curve, and can be calculated using a number of different methods. These methods

can be broken down into two different classes of contact mechanics: adhesive and

non-adhesive analysis, both of which are discussed in further detail below.
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1.3.1.1 Hertz Model

The Hertz model of contact mechanics was first introduced by Heinrich Hertz in 1882

as a way to describe how an applied force results in sample indentation between a

sphere and flat surface in contact with each other [46]. The relationship between the

applied force and sample indentation for a spherical indenter was given as [47]:

F = 4
3E
∗R

1
2 δ

3
2 (1.12)

where F is the applied force to the sample, R is the radius of the indenter, and δ is

the indentation depth of the sample. E∗ is the reduced Young’s modulus, which can

be determined by:

1
E∗

= 1− ν2
s

Es
+ 1− ν2

t

Et
(1.13)

where Es and Et are the Young’s modulus of the sample and of the indenter, respec-

tively. νs and νt are the Poisson’s ratios of the sample and tip, which is ratio of lateral

to axial strain on a sample during indentation, and is often a value between 0.2 and

0.5 [48]. As the Young’s modulus of the indenter (e.g., a silicon nitride AFM tip) is

much larger than the Young’s modulus of the sample, equation 1.13 can be simplified

to:

1
E∗

= 1− ν2
s

Es
(1.14)

Combining equations 1.12 and 1.14 and rearranging yields an expression for the

Young’s modulus of the sample:

Es = 3
4F (1− νs2)R−

1
2 δ−

3
2 (1.15)
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Equation 1.15 shows an expression relating the Young’s modulus of a sample to the

applied force and sample indentation, both of which can easily be determined from a

force curve during a force spectroscopy experiment [49]. Many AFM analysis softwares

allow simple conversion between force-distance to force-indentation curves like the one

seen in Figure 1.12, which provides the force and indentation data needed to determine

the sample Young’s modulus.

Figure 1.12: Force-indentation curve

While the Hertz model works well, is well understood, and is frequently used for

analyzing force-distance curves, there are a few model assumptions which make its

use for biological sample analysis not ideal. The first assumption is that the Hertz

model assumes that the samples being investigated are purely elastic in nature [50].

While this may be true for many types of samples, biological samples often show

significant viscoelastic behaviour [51, 52]. As well, the Hertz model falls under a

“non-adhesive” analysis method as it assumes that there is no tip-sample interaction

during the force experiment [53]. However, it can be seen from Figure 1.11 that

many force curves show considerable tip-sample adhesion, and is especially common

in experiments where biological samples are being probed. Ignoring these assumptions
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during the analysis of biological force spectroscopy data is ill advised as they have a

large contribution towards their mechanical properties. When analyzing in-air force

curves, it is advisable to consider using models which take into consideration some of

these factors.

1.3.1.2 Johnson–Kendall–Roberts Model and Minimal Indentation JKR

In 1971, Johnson, Kendall, and Roberts published the Johnson–Kendall–Roberts

(JKR) model of contact mechanics which takes into consideration the adhesive forces

between an indenter and sample [54]. The JKR model states that contact between

two elastic objects under an applied force will result in a larger contact radius (a1)

than predicted from Hertz contact mechanics (a0) due to adhesion between the two

objects (see Figure 1.13). They also noted that along with these adhesive forces, ten-

sile forces were present near the edge of the contact radius, all of which result in a

higher applied force than what is accounted for in the Hertz model.

Figure 1.13: Contact between two elastic solids of radii R1 and R2 under an applied
load P0. Contact radius a0 is the predicted contact radius under normal Hertz contact
theory, whereas a1 is the predicted radius contact under the JKR model [54]

Johnson et. al also gave an equation to quantify the adhesion force between the

two elastic objects as:
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Fp = −3
2πγR (1.16)

where γ is the work of adhesion per unit area, and R describes the radius of the two

objects in contact, and is equal to:

R = R1R2

R1 +R2
(1.17)

The JKR model of contact mechanics has recently been applied directly to force

spectroscopy for determining the Young’s modulus of samples. One such analysis

method was described by D. Ebenstein, called the “two-point JKR” analysis method,

calculates the reduced Young’s modulus of the sample using only two points from a

force curve as seen in Figure 1.14 [55].

Figure 1.14: An example force curve showing the points used during a 2-point JKR
analysis. Image created from figure in Ref. 55

The two important points for a 2-point JKR analysis are (δadh, Fp) and (δ0, Flow),
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where δadh is the AFM tip displacement at the point of maximum tip-sample adhe-

sion, Fp is the force at the maximum tip-sample adhesion point, δ0 is the AFM tip

displacement at no applied force, and Flow is the applied force at tip displacement

δ0, which is equal to zero [55]. Using these two points you can calculate the reduced

Young’s modulus as:

Er = −3Fp√
R

[
3(δ0 − δadh)

1 + 4−
2
3

]−3
2

(1.18)

Following the relation between reduced Young’s modulus and sample Young’s mod-

ulus (equation 1.14), one can get a direct equation relating the sample Young’s mod-

ulus to the two points of importance on a force curve:

Es = −3Fp√
R

(1− ν2
s )
[

3(δ0 − δadh)

1 + 4−
2
3

]−3
2

(1.19)

where R is the indenter radius, and νs is the Poisson’s ratio of the sample. Eben-

stein noted that the Young’s modulus values obtained on samples using his 2-point

JKR method, in both air and water force experiments, produced values very close

to those performed in a detergent environment where adhesion forces between the

tip and sample had been eliminated [55] thus showing that the 2-point JKR analysis

method helps eliminate potential errors due to adhesion, resulting in more accurate

determination of Young’s modulus.

In more recent times, Chuan Xu, formerly of the Dr. Merschrod research group

at Memorial University of Newfoundland developed a method of force curve analysis

under the JKR adhesion model for his doctoral thesis [56]. This method is titled

“minimum indentation JKR”, as the AFM tip indents the sample only to the mini-

mum depth required to achieve nanoindentation information. Minimal indentation of

samples can be quite advantageous, especially when dealing with biological samples,
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as there is a minimization of both sample viscoelastic response and sample destruc-

tion [57].

The minimal indentation JKR method to determine the Young’s modulus of a

sample relies on two important phenomena during a force spectroscopy experiment:

the jump to contact between the tip and sample, and the jump from contact (adhesion

force) of the tip and sample. As both of these parameters can be extracted directly

from a force curve, using this analysis method to determine the Young’s modulus is

fairly quick and simple. Xu proposed the following equation to describe the Young’s

modulus of a sample from a minimal indentation experiment [56]:

Es = 5
2 |Fp|R

−1
2 (1− ν2

s )
(

∆d− 2
(
AR

24kc

)1
3
)−3

2
(1.20)

where Fp is the jump-from-contact (i.e., adhesion) force, R is the AFM tip radius,

νs is the sample Poisson ratio, ∆d is the jump-to-contact distance between the tip

and sample, and k is the spring constant of the tip. A is defined as the Hamaker

constant, which can also be estimated from a force-distance curve by the following

equation [58]:

A = 24
27
kc∆d3

R
(1.21)

1.3.1.3 Minimum Indentation JKR with Capillary Forces

When performing AFM in air at ambient conditions there can be an added capillary

forces acting upon the tip. These capillary forces arise from two factors, each of which

contribute to considerable tip-sample adhesion which can be problematic during force

measurements. At ambient conditions the air will likely have some moisture present,

known as relative humidity. The humidity results in a layer of water condensing on the

sample being studied. As the tip is brought into contact with the surface, it is pulled
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towards the surface by a tiny liquid meniscus as seen in Figure 1.15 [38,59]. This pull

is caused by the capillary forces, and results in a stronger tip-sample adhesion as the

AFM tip is constantly being pulled towards the sample, even during retraction.

Figure 1.15: Liquid meniscus formed between a spherical indenter with radius R1 and
flat surface. D is the gap width between the indenter and surface, r and l are both
the radius of curvature for the meniscus, β is the filling angle, and Θ1 and Θ2 are the
contact angles of the liquid to the tip and surface, respectively

The degree of adhesion caused by capillary forces present has been shown to be de-

pendent on the relative humidity of the environment. Butt and Kappl [59] performed

extensive research into studying the capillary forces between a spherical object and

surface, and its dependence on the relative humidity. As shown in Figure 1.16, as the

relative humidity of the environment increases, as does the capillary forces between

the indenter and sample, resulting in a larger adhesion force between the two. Ideally,

to decrease the effect of these capillary forces, experiments would be performed un-

der vacuum, or in a sealed environment with dry air to reduce the relative humidity.

However, such setups can be costly or bulky, so alternative methods are more favored.

To account for these capillary forces when performing force curves in air, Chuan

Xu also proposed a model for determining the Young’s modulus from a force-distance

curve which accounts for the capillary forces acting upon the tip and sample [56].
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Figure 1.16: Increasing the relative humidity of the environment increases the ad-
hesion force between the tip and sample, a result of the increase in capillary forces
between the two

In his doctoral thesis, Xu broke down the total capillary force acting on the tip into

two distinct parts: an attractive force acting on the tip resulting from the pressure

difference across the air-water interface, and the net surface tension on the tip. Math-

ematically, he described the total capillary forces as:

Fc = πγR

(
1−

(
R− δ

R− 2 λk

lnH

)2
)(

2−R lnH
λk

)
(1.22)

where γ is surface tension of water, R is the AFM tip radius, δ is the tip indentation

depth into the sample, λk is the Kelvin length of water (0.523 nm at 25 ◦C), and H

is the relative humidity of the room.

Xu proposed an equation similar to the minimal indentation JKR Young’s modulus

(equation 1.20 in Section 1.3.1.2) which accounts for the capillary forces acting upon

the tip [56]:
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where ∆d is the jump to contact distance, which can be determined from the force

curve, and So is the tip-sample separation distance. During the jump to contact

phenomena, the jump to contact distance ∆d can be broken down into two parts:

the tip-sample separation distance, So, and the sample indentation distance δ. They

relate to each other as follows:

∆d = δ + So (1.24)

Distinguishing the two parts of the jump to contact distance on a soft sample is

extremely challenging, however the tip-sample separation distance is needed to solve

equation 1.23. To do this, a force-distance curve can be performed on a hard surface

such as a Si wafer, freshly cleaved Highly Ordered Pyrolytic Graphite (HOPG), or

freshly cleaved mica. The indentation depth of the tip into these hard surfaces is

negligible, making the jump to contact distance in this situation the same as the

tip-sample separation [56]. Assuming that the humidity of the environment does

not dramatically change between force curve experiments, this tip-sample separation

distance will be true for all samples and can be used to solve equation 1.23.

Using this model, as well as the model seen in equation 1.20, we are able to deter-

mine the Young’s modulus of samples via force spectroscopy in ambient conditions.

Adhesive effects including those from tensile attractions, as well as those caused by

capillary forces between the tip and sample are accounted for in these models, which

give them a great advantage over using the standard Hertz model of analysis.
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1.4 Thesis Summary

In this thesis, we look to examine in detail the rainbow smelt eyes tissue discussed

in Section 1.1.2 using AFM. Specifically, in Chapter 2 we look to characterize the

morphology of both the cold and warm water smelt eyes to determine if the adaptation

has any effects on the structures of the eyes. As well, analysis of the Young’s modulus

of both the warm and cold water eyes will be performed to determine if there is any

differences which could be attributed to the adaptation. In Chapter 3, we will analyze

the effect of hydration on the morphological and mechanical properties of both subsets

of Rainbow smelt eye tissue in attempt to better study the samples in an way which

better represents the in vivo environment. Finally, results, conclusions, and future

work are presented in Chapter 4. Two additional appendices are presented along

with the thesis. In Appendix A, we outline the various experimental methods used

in attempt to produce a working Tip-Enhanced Raman Spectroscopy (TERS) probe

for analysis of the smelt eye tissues. Appendix B outlines the method for performing

AFM imaging in fluid, and is meant to serve as a guided document for others within

the group to follow when trying to perform in-fluid measurements using AFM.



Chapter 2

Investigating the Differences

Between Cold and Warm Smelt

Eye Tissue

2.1 Motivation

As concluded in Section 1.1.2, rainbow smelt have a hyperosmotic adaptation to its

environment where glycerol accumulates in the vitreous humor of the eye, increasing

the osmotic pressure and preventing freezing during the cold winter months [19]. In-

terestingly, an increase in osmotic pressure of the eye is also a consequence of diabetes

in humans, as discussed in Section 1.1.1. In patients suffering from diabetic compli-

cations, the increase in osmotic pressure, among other issues [60], causes issues such

as macular edema, which ultimately lead to vision loss. From this, one would expect

that rainbow smelt may also suffer from similar vision problems, however this is not

the case as rainbow smelt and other teleost fish rely on their vision to catch prey [61].

This raises the question as to how these fish have adapted to their hyperosmotic state

31
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in such a way that their vision has not been impaired, and more importantly, what

we can learn from this adaptation that can be applied to working towards possible

treatments of human vision loss.

In this study, Atomic Force Microscopy (AFM) is used to characterize the morpho-

logical and mechanical properties of both the warm and cold water smelt eye tissue in

attempt to identify any differences which may be a result of the hyperosmotic stress

in the cold water smelt.

2.2 Experimental

2.2.1 Preparation of Smelt Eye Samples

Harvesting of the rainbow smelt and preparation of the eye samples was performed by

Dr. Robert Gendron of the Division of Biomedical Sciences in the Faculty of Medicine

at Memorial University of Newfoundland. In short, upon harvesting the fish were

sacrificed by a firm blow to the head, followed by the severing of their spinal cord [19].

The eyes of the fish were removed and then frozen in optimal cutting temperature

(OCT) compound. Cross sections were cut at a thickness of 7 µm using a Leica

CM1900 cryostat. The cut cross sections were dried overnight at -80 ◦C, and then

thawed and air dried for preparation on to glass slides for AFM analysis.

2.2.2 Atomic Force Microscopy

2.2.2.1 Topographic Imaging

An atomic force microscope (MFP-3D, Asylum Research) was used in contact mode

to map the topography of both the cold and warm water smelt eye samples. Experi-

ments were performed using a gold-chromium coated AFM probe (HQ:CSC37/Cr-Au,
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Mikromasch) with a spring constant of approximately 0.4 N/m and resonant frequency

near 30 kHz. The specific spring constant and resonant frequency for the cantilever

in use during each experiment was determined using the thermal noise method [62].

Topographic images were acquired at a rate of 0.5 Hz with 256 × 256 pixel resolution,

and with varied size dimensions. 90 × 90 µm scans were performed during an initial

exploratory scan through the cross-section. All other AFM imaging scans ranged in

size from 20 × 20 µm down to 5 × 5 µm.

2.2.2.2 Force Spectroscopy

An atomic force microscope (MFP-3D, Asylum Research) was used to perform the

force spectroscopy experiments on both the cold and warm water smelt eye tissue.

Experiments were performed using a gold-chromium AFM probe (HQ:CSC37/Cr-Au,

Mikromasch) with a spring constant of approximately 0.4 N/m. A quick 20 × 20

µm topographic image of the area to be studied was acquired at a rate of 0.5 Hz. In

some cases, subsequent 5 × 5 µm topographic scans were taken if a smaller area was

desired.

The AFM tips inverse optical lever sensitivity (invOLS) was calibrated using a

method outlined in the MFP-3D user manual [63]. In short, a force curve of an hard

surface such as freshly cleaved mica or silicon wafer was taken. A fit to the contact

region of the curve is selected, and the slope of which is the invOLS, which is required

to determine the spring constant of the tip, as shown in Figure 2.1

Force curves were performed under ambient conditions, using the minimal inden-

tation parameters outlined in Chuan Xu’s doctoral thesis [56]. First, the specific

spring constant and resonant frequency for the cantilever in use was determined using

the thermal noise method [62]. Both cold and warm water smelt eye samples were

indented by the AFM tip at a velocity of 200 nm/s and a force of 5 nN. Force map-



34

Figure 2.1: Determination of the optical lever sensitivity from a force curve of a hard
surface

ping of the samples was performed at a resolution of 16 × 16 pixels, where each pixel

represents a unique force curve from which the apparent Young’s modulus can be de-

termined. For all force experiments, force curves and force maps were all performed

in triplicate.

2.3 Results and Discussion

2.3.1 Morphology of the Smelt Eye Tissue

To get a sense of the nanostructures of the rainbow smelt eye, an initial experiment was

performed in conjunction with fellow masters student Asia Alhasawi. [64] During this

experiment, AFM imaging of the cold water smelt eye cross section was performed,

starting from the front of the eye and moving towards the back. This resulted in

a complete set of images profiling the unique structures of the eye as the tip moved

through the sample. Figure 2.2 highlights some of the different nanostructures present

within the cold water smelt eye.

To help identify the areas of the eye which correlate with the topographic images
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Figure 2.2: Various nanostructures found within the cold water smelt eye. A) is
located near the front of the eye, B) and C) near the centre of the eye, and structure
D) is located near the back of the eye
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obtained, we co-ordinated with Dr. Robert Gendron. The structure shown in Fig-

ure 2.2 (D) is of particular interest, as its porous structure is particularly striking

and is unique from other structures found during the exploratory scan of the eye.

Given its location in the eye, along with its nanostructure, the AFM image seen in

Figure 2.2 (D) is of either the retina or the choriocapillaris, which is the vascular

region of the choroid. Both the retina [65] and the choriocapillaris [66] have a vast

system of blood vessels which supply blood and oxygen to the eye tissue. Hence, the

porous network seen in this part of the eye is a result of the blood vessels present in

these eye structures.

Figure 2.3: AFM camera image showing the area of the eye scanned correlating with
the image shown in Figure 2.2 (D)(Scale bar = 50 µm)

A major advantage of analysing the area seen in Figure 2.2 (D) is that its nanos-

tructure is unique and the area is very easy to identify under the AFM camera as

seen in Figure 2.3. In comparison, many of the other structures within the eye aren’t

easily distinguishable from one another, such as Figure 2.2 (B) and (C), and are also
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challenging to see under the AFM camera. As a result, the analysis of the rainbow

smelt eye tissues will be focused on the area highlighted in Figure 2.2 (D) from here

on in.

During analysis of the warm water smelt sample, the same vascular structure seen

in the cold water smelt is present and easily identifiable under the AFM camera and

topographic analysis.

Figure 2.4: Topographic comparison of vascular region of vascular region of eye tissue
between cold (left) and warm (right) water rainbow smelt

Comparison of the vascular region of both cold and warm water smelt shows two

very similar AFM images (Figure 2.4). In both samples, the vascular structure of the

tissue is pronounced and the only obvious feature of the scan. As seen in Figures 2.5

and 2.6, a cross section of the AFM height trace can be selected to highlight the

height profile across the scan area. By doing this, analysis of the shape and depth of

the vascular pore is possible.

In Figure 2.5, the analyzed pore shows a plateau at the minimum height point,

indicating a flat feature at the bottom of the pore. This is a good indication that

the AFM tip is indeed reaching the true bottom of the pore. From this trace, the

depth of the analyzed pore of the cold water smelt was determined to be 901.0 nm.
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Figure 2.5: (Bottom) Height profile of the cold water smelt tissue along the red trace
on the topographic image (top)
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Figure 2.6: (Bottom) Height profile of the warm water smelt tissue along the red trace
on the topographic image (top)
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In comparison, the warm water smelt also shows a slight plateau at the bottom of

the analyzed pore as seen in Figure 2.6, though this plateau is much smaller than the

one seen in the cold water smelt. This once again is a good indication that our AFM

probe is truly reaching the bottom of pore. From analysis of the height profile plot,

the depth of the pore analyzed in warm water fish was 809.1 nm.

To assess the average pore depth of the samples in more detail, the 3D AFM

topography maps of the scans seen in Figure 2.4 were analyzed to compare the average

pore depth of both the warm and cold eye tissue, as seen in Figure 2.7. Visual analysis

of both 3D maps show very similar pore depths between both the warm and cold water

smelt eye tissues, which indicates that the hyperosmotic state seen in the cold water

smelt does not induce structural change at these length scales.
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Figure 2.7: 3D topography maps of the cold water (top) and warm water (bottom)
smelt eye. The Z-axis scale is the same for both maps

2.3.2 Young’s Modulus of Smelt Eye Tissue

To get a sense of the mechanical properties of the whole area scanned, force mapping

was performed instead of taking selected individual force curves. In force mapping

experiments, a series of force curves are taken in a grid like pattern in the same manner
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Figure 2.8: AFM camera image showing the areas where force mapping was performed
on the cold water smelt sample. 1 is the area in front of the vascular tissue, 2 is the
vascular tissue, and 3 is a membrane behind the vascular area of the eye (Scale bar
= 40 µm)

as a typical AFM raster scan. Each force curve’s data is then analyzed to extract e.g.

a Young’s modulus, resulting in a 2-dimensional array of force data.

To compare the cold and warm water smelt eye tissue, force mapping was per-

formed on three areas of the samples near the vascular region identified in Sec-

tion 2.2.2.1. These areas were identified by the AFM camera as follows: in front

of the vascular region (area 1), within the identified vascular region (area 2), and

behind this region in what appears to be a membrane (area 3). 5 × 5 µm AFM scans

were performed first to identify the topography of the area before force mapping

experiments on the area was performed.

The area of the cold water smelt eye in front of the vascular region, labelled area 1

in Figure 2.8 was analyzed first. To determine the Young’s modulus, the minimal
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indentation JKR model was used (equation 1.20). The average Young’s modulus of

the sample was determined by averaging the Young’s modulus value of each point in

the force map. The same procedure was completed for areas 2 and 3.

The average Young’s modulus values for each area of the cold water smelt eye

analysed is presented in Table 2.1. Students t-tests showed that all three values

are statistically different from one another, indicating that all three areas near the

vascular part of the eye have differing Young’s modulus values.
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Figure 2.9: AFM height traces of the cold water smelt eye tissue before the vascu-
lar region(top left), the vascular region (centre left) and the membrane behind the
vascular tissue (bottom left) with their corresponding force maps (right)
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Table 2.1: Average Young’s modulus values of each area analyzed under force spec-
troscopy for the cold water smelt tissue

Young’s modulus Standard Deviation
(GPa) (GPa)

Before vascular region (area 1) 1.291 0.37
Vascular region (area 2) 1.427 0.47
Behind vascular region (area 3) 1.042 0.39

The experiment was repeated for the warm water smelt eye tissue. Force mapping

of the sample was performed in front of the vascular area, at the vascular area, and

at the membrane behind the vascular region. The Young’s modulus values for the

warm water smelt are shown in Table 2.2 below. Students t-tests showed the Young’s

modulus of the vascular region is statistically different than the areas surrounding it,

however there is no statistical difference in Young’s modulus values between the areas

before and behind the vascular region.

Table 2.2: Average Young’s modulus values of each area analyzed under force spec-
troscopy for the warm water smelt eye tissue

Young’s modulus Standard Deviation
(GPa) (GPa)

Before vascular region (area 1) 0.803 0.24
Vascular region (area 2) 0.988 0.20
Behind vascular region (area 3) 0.809 0.34

As seen by comparing Tables 2.1 and 2.2, the average Young’s modulus for the

warm water smelt was lower than that for the cold water smelt in each of the three

areas of the eye studied. Student’s t-tests once again showed a statistical difference

between the compared cold and warm tissue, confirming that the cold water smelt

eye tissue analyzed is stiffer than the warm tissue.

The above data was also analyzed using the minimal indentation model which

includes the capillary forces between the tip and sample (Equation 1.23), in attempt

to get a more accurate Young’s modulus for the samples. The same force maps seen
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Figure 2.10: AFM height traces of the warm water smelt eye tissue before the vascu-
lar region (top left), the vascular region (centre left) and the membrane behind the
vascular tissue (bottom left) with their corresponding force maps (right)
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Figure 2.11: Comparison between the Young’s modulus of cold and warm water smelt
eye tissue before the vascular tissue (top), the vascular tissue (middle), and at the
membrane behind the vascular tissue (bottom). Data for each box plot is taken from
Tables 2.1 and 2.2. Each end of the box represents the upper and lower quartiles
(25%) of the data, the horizontal line in the box indicates the median of the dataset,
and the whiskers extend from the box to the highest and lowest value in the dataset
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in Figures 2.9 and 2.10 were used in the analysis. The resulting force maps are shown

in Figure 2.12, with results in Table 2.3.

Table 2.3: The average Young’s modulus of the cold and warm water smelt eye tissues
using the minimal indentation JKR model which includes the tip-sample capillary
forces. N=6 fish (3 cold, 3 warm) with each force map performed in triplicate.

Area of Eye Average Young’s
Modulus (MPa)

Standard
Deviation (MPa)

Cold Water Eye Before vascular region 775.24 24.4
Vascular region 822.66 59.7

Behind vascular region 894.40 180.0
Warm Water Eye Before vascular region 619.27 83.7

Vascular region 420.03 165.0
Behind vascular region 1241.22 4305.6

Analysis of the force maps once again highlights the difference in Young’s mod-

ulus between the cold and warm water smelt eyes. However, upon analysis of the

force maps, some significant issues were found. These issues are highlighted in the

analysis in the force map of the warm water smelt eye, directly behind the vascular

area near the back of the eye. During the analysis of the force curves, the automated

IGOR procedure used to perform the calculation produced a number of error warn-

ings. These warnings correlated with force curves which either were unable to have

a Young’s modulus value calculated, or where the calculated Young’s modulus was

significantly higher than expected (> 10 GPa). As mentioned above, this issue is most

significantly seen in the warm water eye force maps performed behind the vascular

region, resulting in a large average Young’s modulus value for the sample, as well as

a huge standard deviation value, making analysis and comparison between this data

set near impossible. These same types of errors show up in the other force maps as

well, however to a much lesser degree.

Analysis of the problem curves in the force maps was done to get a better idea of

what is causing these errors. In all curves showing errors, the jump to contact distance
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Figure 2.12: Force maps of the warm eye (left) and cold eye (right) analyzed using
the capillary forces minimal indentation model. The top row shows the force maps
for the analyzed areas before the vascular tissue, the middle row showing the vascular
tissue, and the bottom row showing the force maps for the areas behind the vascular
area
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(∆d) was smaller than the estimated tip-sample distance (So) acquired during the tip

calibration process. As dictated by Equation 1.24 outlined in Section 1.3.1.3, the

jump to contact of a force curve can be broken down into two distinct parts: the

tip-sample separation, along with the indentation depth into the sample (δ). If the

tip-sample separation value determined during calibration is larger than the jump

to contact distances seen during the force mapping experiment, then Equation 1.24

can’t be satisfied unless the indentation depth of the sample is negative. As this is

not possible, there appears to be an issue with the initial calibration of the tip which

determines the tip-sample separation.

One explanation could be that the tip-sample separation was determined during

the calibration for the relative humidity in the room during the beginning of the

experiment. As stated in Section 1.3.1.3, the tip-sample separation when taking a

force curve is the same for any sample given the ambient relative humidity is the

same. However, our AFM is placed in a non-climate controlled room, where the

relative humidity can fluctuate throughout the day. This was especially true during

the force mapping experiment on the warm water smelt eye sample, where the relative

humidity of the room during calibration of the tip was 50 %, but had risen to 66 %

for the force mapping experiment of the area of the eye behind the vascular region.

This difference in ambient relative humidity could have an effect on the tip-sample

separation distance, which is not being accounted for by the calibration.

It should be noted that with the cold water smelt eye force mapping experiment,

the ambient relative humidity held steady at 43-44 % throughout the entire duration

of the experiment. Nonetheless there were still some force curves with jump to con-

tact distances less than the calibrated tip-sample distance, albeit to a much lesser

degree than in the warm water eye experiment. This indicates that there may be

other problems within this method of data collection and analysis which were not
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previously reported. While under ideal conditions, analyzing our data using the min-

imal indentation model which accounts for the capillary forces would give a more

accurate picture of the samples Young’s modulus, more work on the model is required

to understand why exactly the tip-sample distance calibration isn’t as accurate as

desired. For this reason, further comparison of the average Young’s modulus of the

dried smelt eyes will be done using the standard minimal indentation JKR model.

As can be seen from the results in Tables 2.1 and 2.2, as well as the plots in

Figure 2.11, the average Young’s modulus of the vascular region of the eye is higher

in cold water smelt than the warm water smelt. While the reason behind the stiffening

of the eye tissue is currently unknown, we propose two possible theories behind this

phenomena.

First, as discussed in Section 1.1.2, the cold water smelt are able to withstand

colder ocean temperatures by increasing the osmotic pressure of their bodily fluids,

including in the vitreous humor of the eye. This increase in osmotic pressure is directly

related to the increase in glycerol and other osmolyte concentrations in the fluids.

While glycerol is the major compound present which can be attributed to the increased

osmotic pressure within the bodily fluids, studies have shown that increasing glycerol

concentrations in protein films has a plasticizing effect, resulting in a decrease in the

films Young’s Modulus [67,68]. Urea, another osmolyte found in the cold water smelt,

has been found to increase the Young’s modulus of materials when present, which

could account for the apparent stiffening in the cold water smelt eye tissue [69]. Also

present in the cold water smelt are anti-freeze proteins, which are known to also aid

in the prevention of freezing in cold water environments [70]. While no current work

has been performed correlating antifreeze proteins to mechanical properties in teleost

fish, other studies have been performed on the presence of similar antifreeze proteins

present in the tissues of carrots [71]. In that study, the presence of antifreeze protein
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was found to both increase the tissue rigidity as well as the Young’s modulus, resulting

in stiffer tissue. Ultimately, more work will have to be completed to determine if either

of these factors can be attributed to the increase in Young’s modulus of the cold water

smelt eye tissue, which will be further discussed in Chapter 4.

Another possible explanation for the increased Young’s modulus in the cold water

smelt eye was outlined in a paper published by E. Crockett [72]. In that paper, the

lipid membranes of several ectotherms were studied at both warm and cold temper-

atures. It was discovered that significant lipid membrane restructuring occurs within

these ectotherms at lower environmental temperatures. The most common membrane

restructuring phenonema seen involves an increase in the degree of unsaturated fatty

acids within the membranes at colder temperatures. Further studies have shown that

lipid membranes with higher degrees of polyunsaturated fatty acids are more suscep-

tible to lipid peroxidation [73].

As lipid peroxidation rates are higher at warmer temperatures, it would be ex-

pected that the rates of lipid peroxidation for membranes in colder environments

would be much slower. However, some degree of lipid peroxidation is required to pro-

duce byproducts which aid in cellular processes [74]. Hence, it is hypothesized that

lipid membrane restructuring to increase the degree of polyunsaturated fatty acid

chains is an attempt to allow easier lipid peroxidation at the colder temperatures.

The difference in average Young’s modulus values between the warm water and cold

water smelt fish eye samples could be attributed to the difference in polyunsaturated

fatty acid compositions of the lipid membranes in the two eyes, caused by the lipid

restructuring.
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2.4 Conclusions

Analysis of the rainbow smelt eye samples identified several distinct and unique mi-

crostructures present within the eye using AFM. This is the first time that such a

collection of AFM images corresponding to different microstructures of the eye has

been performed. We were able to identify the vascular micostructure located near the

back of the eye as either the choriocapillaris or retina, both of which are blood-vessel

dense areas near the back of the eye which supply the eye with blood, oxygen, and

other nutrients. This work will enable future studies to definitively correlate AFM

topography with structures traditionally identified through other types of microscopy.

Comparison of the topographical and mechanical properties of the vascular region

of the eye for the cold and warm water smelt eye samples was performed. Comparison

of the structure of the vascular region between the cold and warm smelt eye showed

no real difference between the two, with both the vascular topography as well as the

vascular pore depth being the same between the two eyes. However, we determined

that the average Young’s modulus of the cold water smelt eye was larger than that

of the warm water smelt. As the changing stiffness did not arise from microscale

changes in structure, this indicates that a molecular-scale change which occurs during

the acclimatization to the cold water environment is causing the tissue in this region

of the eye to become stiffer.



Chapter 3

The Effect of Hydration on Smelt

Eye Tissue

3.1 Motivation

When studying biological materials with Atomic Force Microscopy (AFM), consider-

ation of whether or not analysis of dried samples will give accurate results is required.

Many of the force spectroscopy studies on biological samples in the literature are per-

formed on hydrated rather than dry samples [49,75,76]. This desire to perform AFM

experiments in fluid is in attempt to better model the experimental conditions after

what one would expect in vivo. Analysis of biological samples such as cells, tissues,

or proteins, in a fluid environment will better represent the samples true properties

over dried samples analyzed under ambient conditions.

Previous work done by Grant et. al on the differences of collagen fibrils proper-

ties in air and fluid best represents the need to focus on in-fluid analysis. In their

study, they found that hydrating collagen fibrils resulted in a swelling of the proteins,

increasing their overall diameter as well as a decrease in Young’s Modulus of 2-3 or-

54
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Figure 3.1: Effects of hydrating collagen fibrils with various buffer and salt solutions
on its average fibril height (left) and Young’s modulus (right) [77]

ders of magnitude as outlined in Figure 3.1 [77]. Furthermore, they noticed that the

Young’s modulus of the collagen fibrils was dependent on the types of ionic species

present in the hydrating solution, and that there appeared to be a correlation between

increased ionic strength and increased Young’s modulus.

Up until now, the analysis of the smelt eye tissue has been completed under am-

bient conditions only. While this serves as a good starting point for comparison of

the topographic and mechanical properties between the cold and warm water smelt,

analysis of the hydrated samples will give a more accurate depiction of these proper-

ties. In this experiment, we aim to highlight the differences between the dried and

hydrated smelt eye samples, as well as compare the Young’s modulus values between

the hydrated cold and warm water smelt eye tissue. As well, the effect of the ionic

strength of the hydrating solution used during scanning on the Young’s modulus of

the sample is investigated.
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3.2 Experimental

3.2.1 Topographic Imaging in Air

An atomic force microscope (MFP-3D, Asylum Research) was used in contact mode

to map the topography of both the cold and warm water Smelt eye samples. Experi-

ments were performed using a gold-chromium coated AFM probe (HQ:CSC37/Cr-Au,

Mikromasch) with a spring constant of approximately 0.4 N/m and resonant frequency

near 30 kHz. The specific spring constant and resonant frequency for the cantilever

in use during each experiment was determined using the thermal noise method [62].

Topographic images were acquired at a rate of 0.5 Hz with 256 × 256 pixel resolution,

and with varied size dimensions. Scan size varied, ranging from 20 × 20 µm down to

5 × 5 µm.

3.2.2 Topographic Imaging in Water

To image in water, an initial topographic scan was performed in air as outlined in

Section 3.2.1 to determine the desired area for in-fluid analysis. Experiments were per-

formed using a gold-chromium coated AFM probe (HQ:CSC37/Cr-Au, Mikromasch)

with a spring constant of approximately 0.4 N/m and resonant frequency near 30 kHz.

Upon completing the initial in-air scan, the AFM head is raised approximately 1 µm

as measured by the knob on the MFP-3D head. 50 µL of 18.2 MΩ·cm ultrapure water

was collected using a micropipette (Fisherbrand) and added between the sample and

AFM tip holder as seen in Figure 3.2.

The specific spring constant and resonant frequency for the cantilever in use during

each experiment was determined using the thermal noise method [62]. Imaging was

performed in tapping mode, with a scan rate of 0.5 Hz and a resolution of 256 × 256

points and lines. Scan sizes varied, ranging from 20 × 20 µm down to 5 × 5 µm.
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Figure 3.2: Adding water to AFM setup to allow for imaging in fluid

3.2.3 Force Mapping in Fluid

An atomic force microscope (MFP-3D, Asylum Research) was used to perform the

force spectroscopy experiments on both the cold and warm water smelt eye tissue.

Experiments were performed using a gold-chromium AFM probe (HQ:CSC37/Cr-Au,

Mikromasch) with a spring constant of approximately 0.4 N/m. A quick topographic

image of the area to be studied was acquired at a rate of 0.5 Hz. The AFM tips

inverse optical lever sensitivity (invOLS) was calibrated using the method outlined in

Section 2.2.2.2. This calibration was performed in water as opposed to air to better

reflect the experimental conditions.

Force maps were performed in water, with a tip velocity of 200 nm/s and a trigger

force of 10 nN. Both the cold and warm water smelt eyes were analyzed using the

same method. Force mapping of the samples was performed at a resolution of 16 ×

16 pixels, where each pixel represents a unique force curve from which the apparent

Young’s modulus can be determined. For all force experiments, force curves and force

maps were all performed in triplicate.

3.2.4 Force Mapping and Varying Ionic Strength

An atomic force microscope (MFP-3D, Asylum Research) was used to perform the

force spectroscopy experiments on both the cold and warm water smelt eye tissue.
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Experiments were performed using a gold-chromium AFM probe (HQ:CSC37/Cr-Au,

Mikromasch) with a spring constant of approximately 0.4 N/m. The same calibration

procedure outlined in Section 3.2.3 is used in this experiment.

For both the warm and cold water smelt eye, initial 16 × 16 pixel force mapping

was performed in 25 µL of ultrapure water, with a trigger force of 10 nN and a tip

velocity of 200 nm/s. To increase the ionic strength of the fluid being used in the

experiment, the AFM head was raised approximately 1 µm to allow enough room

between the head and sample to add solution. 25 µL of 0.9985 M NaCl stock solution

was added to the water droplet between the sample and AFM tip. 15 minutes was

allowed for the system to equilibriate. 16 × 16 pixel force mapping was performed

using the same experimental parameters noted above. This process was repeated for

a total of three 25 µL NaCl additions.

3.3 Results and Discussion

3.3.1 Topographic Changes Upon Hydration

To compare the effect of hydration on the eye tissue, each eye sample was scanned

dry, hydrated, allowed to equilibriate, and then scanned again. For the warm water

smelt, this result is highlighted in Figure 3.3.

A dramatic difference between the dry and hydrated vascular tissue of the warm

eye. The hydrated eye sample appears to swell, resulting in a much more porous

and rough topography. To probe the swelling effect more, analysis of the pore depth

between the dry and hydrated eye sample was performed (Table 3.1).
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Figure 3.3: Highlighting the difference in topography between the dry (left) and
hydrated (right) warm water smelt eye tissue

The effect of hydrating the tissue resulted in approximately a 3 fold increase in

pore depth. Student’s t-Test analysis confirmed that the difference between the dry

and hydrated tissue pore depth was statistically different (P=0.002). Compared to

the 2 fold swelling of the collagen fibrils upon hydration [77], this degree of tissue

swelling during hydration is typical.

Table 3.1: Average pore depth of dry vs. hydrated warm water smelt eye tissue (N=3
fish)

Average Pore Depth (nm) Standard Deviation (nm)
Dried Tissue 206.0 62.8

Hydrated Tissue 690.3 134
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The same effect can be seen in the hydrated cold water eye tissue as seen in

Figure 3.4. Hydration of the tissue results in an approximate 1.5 fold increase in pore

depth (Table 3.2), comparable to the before cited 2 fold swelling seen in the literature.

The Student’s t-Test indicates that we cannot say for certain that the pore depths

between the dry and hydrated tissue are statistically different (P=0.07). Nonetheless,

the effect of swelling caused by the hydration of the tissue is again visible.

Figure 3.4: Highlighting the difference in topography between the dry (left) and
hydrated (right) cold water smelt eye tissue

Table 3.2: Average pore depth of dry vs. hydrated cold water smelt eye tissue (N=3
fish)

Average Pore Depth (nm) Standard Deviation (nm)
Dried Tissue 728.9 281.4

Hydrated Tissue 1207.7 332.5

This method of investigating pore size is good for giving a general idea about the

degree of tissue swelling that occurs during hydration. However, during hydration the

tissue is also expanding in height along with the swelling of the pores. To account

for this, a comparison was made between the highest and lowest height feature in
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each scan, in both the dry and hydrated tissue as seen in Table 3.3. The distance

between the high and low point is labelled the height difference. A swelling ratio is

then defined by:

Swelling Ratio = Height Difference (Hydrated)
Height Difference (Dry) (3.1)

Table 3.3: Height differences between the highest and lowest point in the height scan,
and the swelling ratio (height difference wet/height difference dry)(N=12)

Height Difference Standard Deviation Swelling Ratio
(nm) (nm)

Cold Eye Dry 1629.6 185.2 1.5
Cold Eye Hydrated 2451.0 1095.9
Warm Eye Dry 1109.2 540.9 1.6

Warm Eye Hydrated 1821.7 457.3

From the numbers in Table 3.3, both the warm and cold eye tissue have the same

approximate swelling ratio, which is very close to the two fold increase in collagen

fibrils seen in the study by Grant et. al [77]. The larger height difference values for

the cold over the warm eye tissue also reflects the larger pore size found in the analysis

of the pore depths during this study.

The swelling of the eye tissue seen during our experiment can be attributed to

osmotically driven hydration of the sample [77]. When ultrapure water is introduced

between the sample and AFM tip, solute concentrations from within the cells are

much larger than the surrounding water medium. As discussed in Chapter 1.1, this

imbalance of solute concentration results in a hypotonic extracellular environment.

This results in a net flow of water inward into the cell environment, causing swelling

of the eye sample.
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3.3.2 The Effect of Hydration on Young’s Modulus

Force mapping was performed on 5× 5 µm areas of the vascular region of the smelt eye

tissue and the Young’s Modulus values were compared between the dry and hydrated

tissue. For the hydrated tissues, the Hertz model outlined in Section 1.3.1.1 was used

to determine the Young’s modulus. This is because when in fluid, the tip-sample

adhesion force that we normally see in ambient force spectroscopy is negligible. As

well, the jump to contact phenomena, a large part of Chuan Xu’s minimal indentation

models, [56] isn’t present in fluid. As such, the Hertz model will be used to determine

the Young’s modulus of hydrated samples, where the minimal indentation JKR model

will continue to be used for dry samples.

First, the warm water smelt eye tissue was analyzed. The dry topography scan

and Young’s modulus values were discussed in Section 2.3.2. The sample was then

hydrated and allowed to equilibriate in the ultrapure water for 15 minutes. The height

scans and corresponding force maps can be see in Figure 3.5

Analysis of the force map data provides us with the average Young’s modulus of

both the dry and hydrated tissue, as seen in Table 3.4. The effect of hydration has a

profound effect on the average Young’s modulus of the eye tissue, as the hydrated eye

sample has a decrease in Young’s modulus of approximately 3 orders of magnitude.

This size of reduction is comparable to what has been found in the literature, where

hydration of biomolecules such as collagen fibrils resulted in an approximate 2-3 orders

of magnitude decrease in apparent Young’s Modulus [77,78].

Table 3.4: Comparison of the average Young’s modulus values of the dry and hydrated
warm water smelt eye tissue (N=3)

Average Young’s
Modulus (MPa)

Standard
Deviation (MPa)

Statistically Different?
(P value)

Dry 988.2 200.9 YES (P=7×10−181)
Hydrated 1.230 0.69
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Figure 3.5: Highlighting the topography and force maps of the warm water rainbow
smelt eye tissue. Top left: height image of the dry eye tissue, with its corresponding
force map (top right). Bottom left: height image of the hydrated eye tissue, with its
corresponding force map (bottom right)
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The same method was performed on the cold water rainbow smelt eye, which can

be seen in Figure 3.6. Once again, the Young’s modulus of the vascular area of the

eye decreased upon hydration as seen in Table 3.5. In similar fashion to the warm

water sample, the average Young’s modulus of the cold water smelt eye decreased

approximately 3 orders of magnitude, which is once again consistent with what’s

found in the literature.

Figure 3.6: Highlighting the topography and Force maps of the cold water rainbow
smelt eye tissue. Top left: height image of the dry eye tissue, with its corresponding
force map (top right). Bottom left: height image of the hydrated eye tissue, with its
corresponding force map (bottom right)
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Table 3.5: Comparison of the average Young’s modulus values of the dry and hydrated
cold water smelt eye tissue (N=3)

Average Young’s
Modulus (MPa)

Standard
Deviation (MPa)

Statistically Different?
(P value)

Dry 1426.6 469.9 YES (P=9 ×10−131)
Hydrated 3.065 0.96

Figure 3.7: Box plot showing the difference in average Young’s Modulus values of the
hydrated cold and warm water smelt eye tissue. Data taken from Tables 3.4 and 3.5

The 2-3 order of magnitude decrease in Young’s modulus seen in biological ma-

terials upon hydration, including the smelt eyes samples studied, can be attributed

to the effect that hydration has on the proteins and lipid membranes in the tissue.

Based on the large decrease in Young’s modulus seen from hydrating the sample with

ultrapure water, the mechanical properties of the eye tissue must be heavily influ-

enced by the liquid phase of the material. One such theory behind the decrease in

Young’s modulus was proposed by Grant et. al in a previous paper. In this paper,

Grant attributes the decrease in Young’s modulus of hydrated collagen fibrils to the

formation of water bridges between peptide chains in the protein [78, 79]. These wa-

ter bridges occur between oxygen atoms within a single peptide, between two peptide

chains, or between multiple collagen triple helices, and serves to stabilize the proteins
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through a network of hydrogen bonding. The same bridging effect can be seen in lipid

membranes, where water molecules stabilize the membrane through water bridging

of lipid molecules [80]. The decrease in Young’s modulus seen upon hydration of the

smelt eye tissues can be attributed to the stabilizing effect the water molecules has

on both the proteins and lipid membranes present in the sample.

As previously discussed in Section 2.3.2, the Young’s modulus of the dry cold water

smelt eye tissue was found to be higher than that of warm water eye. The results

from force mapping experiments of the same eye samples in a hydrated environment

are highlighted in Figure 3.7. Upon hydrating the samples, the tissue in the vascular

region of the eye has a higher Young’s modulus in the cold water fish over the warm

water. This is the same result as seen with the dry eye samples discussed in Chapter 2.

This result implies that the reason behind the difference in Young’s modulus between

the two eyes is independent of whether or not the sample is hydrated. As such, the

possible explanations for the difference in Young’s modulus outlined in Chapter 2.3.2

still hold true, even in a hydrated environment.

3.3.3 The Effect of Ionic Strength on Young’s Modulus

As mentioned in Section 3.1, previous work performed by C. Grant et. al showed that

the apparent Young’s modulus of collagen fibrils in fluid is influenced by the ionic

environment of the hydrating solution. Up to now, in-fluid analysis of the eye cross

sections has been performed primarily in ultrapure water in an attempt to better

replicate the biological environment. However, a more realistic model would include

other ions which are prominent within the eye such as potassium [81] and sodium [82].

In attempt to better model the eye, aliquots of sodium chloride solution was added

to the AFM setup in order to increase the ionic strength of the environment. Force

mapping at different ionic strengths was then performed to see if any change in average
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Young’s modulus can be seen.

The ionic strength experiment were performed on the warm water smelt eye sam-

ple. The average Young’s modulus values determined from the force mapping experi-

ments are outlined in Table 3.6 and Figure 3.8. When only ultrapure water is used to

hydrate the sample, the average Young’s modulus was determined to be 1.820 ± 0.75

MPa, which is similar to the average Young’s modulus determined in Section 3.3.2.

With the first addition of NaCl achieving an ionic strength of 0.499 mol/L, the av-

erage Young’s modulus of the cold eye sample increased to 2.503 ± 0.78 MPa, and

increased once again to 3.021 ± 1.00 MPa when the ionic strength of the fluid in the

AFM experiment was increased to 0.666 mol/L. Student’s t-Tests confirmed that the

average Young’s modulus at each of these ionic strengths were statistically different

from each other. Upon increasing the ionic strength of the AFM hydrating fluid to

0.798 mol/L, no statistically significant increase in average Young’s modulus of the

eye sample was seen.

Table 3.6: Average Young’s modulus of the warm water smelt eye in differing ionic
strength environments (N=12)

Ionic Strength
of Solution (mol/L)

Average Young’s
Modulus (MPa)

Standard Deviation
(MPa)

0 1.820 0.75
0.499 2.503 0.78
0.666 3.201 1.00
0.798 2.976 1.06

The increase in Young’s modulus seen with increasing ionic strength of the hy-

dration environment is similar to what was reported in Grant et. al. The observed

increase in Young’s modulus can be attributed to slight changes in the intermolecular

interactions between proteins present in the eye [77, 83]. In particular, alterations

in the electronic environment caused by the changes in ionic strength can lead to

increased stability of proteins as seen in the paper published by Atkaş [84]. In this
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Figure 3.8: Box plot showing the relationship between the ionic strength of the hy-
drating solution used during the force mapping experiment and the average Young’s
modulus of the warm water smelt eye sample. Data taken from Table 3.6

study, the addition of NaCl to a solution of collagen proteins resulted in an increase

in thermal stability over proteins in a citrate buffer. The increase in thermal sta-

bility is caused by the reduced net repulsion between the proteins, as Na+ and Cl–

ions bind to charged residues in the protein, and can also act as ionic crosslinkers

between charged residues of the protein [85]. Furthermore, the presence of NaCl re-

sults in an increase in the polypeptide-chain rigidity of the collagen. This results in

a protein structure which becomes more rigid through electrostatic interactions with

ions introduced when increasing the solution ionic strength. Increasing the ionic in-

teractions within a protein or phospholipid network has been shown to increase its

Young’s modulus as the structure becomes more rigid, or less fluid in the case of

phosopholipids [86, 87]. Increasing the NaCl concentration of the smelt eye environ-

ment will result in the same changes in protein and phospholipid structure, hence the

observed increase in the apparent Young’s modulus of the eye.
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3.4 Conclusions

Hydration of the rainbow smelt eye tissues resulted in vast changes in both their

morphological and mechanical properties. Hydrating both the cold and warm water

smelt eye samples resulted in a swelling of the eyes caused by water entering the

tissues through osmotic force. Both the cold and warm eyes swelled to 1.5 and 1.6

times their size, respectfully, compared to their dried states. This degree of tissue

swelling is comparable to what has been found in the literature. Despite the swelling

caused by hydration, the same porous topography was observed in the vascular region

of the eye compared to that found in the dried eye samples. Hydration also resulted

in an approximate 3 orders of magnitude decrease in the Young’s modulus, which can

be attributed to changes in protein and membrane environments upon introducing

water. We once again see that the cold water smelt eye tissue has a higher average

Young’s modulus than the warm water eye tissue, indicating that the possible reason

behind this difference outlined in Chapter 2 is not influenced by whether the tissue

is dry or hydrated. Upon increasing the ionic strength of the hydrating fluid with

NaCl, the warm water smelt eye tissue saw an increase in average Young’s modulus.

This increase can be attributed to the added ions in solution acting as ionic crosslinks

between protein and phospholipids, causing stabilization and increasing rigidity in the

eye tissues.



Chapter 4

Conclusions and Future Work

4.1 Concluding Remarks

In this research, we studied the morphological and mechanical properties of eye tissue

of the Rainbow smelt (Osmerus mordax) using atomic force microscopy. Specifically,

we compared these properties between two sub-sets of smelts: fish which were raised in

water of ambient temperatures, and fish which were raised in a cold-water temperature

environment. Our analysis focused on a porous area of tissue near the back area of the

eye samples, which we proposed was either the retina or choriocapillaris due to the high

density of blood vessels in these microstructures. Upon comparing the morphologies

of this vascular region of the eye, no noticeable differences were seen between the two

fish eye subsets. Analysis of the pore depth between the two subsets of smelt eyes was

also performed, but no statistical difference between the pore sizes. However, upon

analysis of the mechanical properties of the smelt eyes, we discovered that the average

Young’s modulus of the smelt eye raised in the cold water environment was higher

than that of the smelt raised in the ambient, warm water environment, indicating

that the tissue in the cold water smelt eye is stiffer than its warm water counterpart.

70
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While the reason behind this difference is currently unknown, we suspect that this

may be caused by the osmolytes (glycerol, urea) or antifreeze proteins present in

the fish which help acclimatize the cold water fish to its environment. [19] Another

reason behind the increase in Young’s modulus seen in the cold water fish tissue

involves lipid membrane restructuring, a phenomena commonly seen in cold water

ectotherms. [72] The degree of unsaturated fatty acids in lipid membranes increases

in colder environments to help promote lipid peroxidation, which is required for some

cellular processes to occur. These changes in chemical or lipid composition of the

tissue may be the cause of the stiffening of the cold water smelt eye tissue we have

observed in this work.

The effects of hydration on the smelt eye samples was also studied using atomic

force microscopy. Hydration of the smelt eye resulted in a swelling of the tissues,

which is driven by osmotic forces caused by a solute concentration gradient between

cell interior and the outside water environment. Hydration resulted in a 1.5-1.6 times

increase in tissue size, for the cold water and warm water vascular eye tissue re-

spectively, which is similar to the increase in size of other biological materials upon

hydration. [77] This hydration also resulted in a near 3 orders of magnitude decrease in

Young’s modulus compared to that found in the dry samples, as reintroducing water

to the tissues results alterations to the bonding environment of the proteins and lipids

present, including the formations of water bridges [78, 79], which causes a decrease

in Young’s modulus. However, the cold water smelt eye tissue is still stiffer than the

warm water tissue in the hydrated environment, indicating that the reason behind

the difference in Young’s modulus between the two is not influenced by whether the

tissue is hydrated or not. We also discovered that increasing the ionic strength of the

hydrating solution causes the eye tissue to increase in Young’s modulus, as additional

ions present in solution alter the electrostatic environment in the eye tissue. Added
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stability through ionic cross-linking between lipids or proteins increases the rigidity

of the tissues. [85]

4.2 Future Work

While this work contains a solid foundation on analysis of these rainbow smelt eye

tissues, there are many more questions which need to be answered to help gain a

clearer picture behind the results we have found.

First and foremost, gaining an understanding as to why there is an increase in

Young’s modulus of the eye tissue in cold water rainbow smelt is critical. Outlined

in Section 2.3.2 were two possible theories behind the observed difference in Young’s

moduli: the presence of osmolytes such as glycerol and urea in the tissue, or lipid

membrane reconstruction. To determine whether the osmolytes have influence on

the Young’s modulus, Tip-Enhanced Raman Spectroscopy (TERS) mapping of the

samples could be performed. TERS is a technique which combines the spectroscopic

information obtained during Raman spectroscopy experiments with the topographi-

cal information gathered during AFM imaging [88]. TERS has been highly used in

the chemical exploration of biological materials, and has been used to perform such

experiments as DNA sequence and amino acid determination of samples [89,90].

Using TERS in the analysis of the smelt eye samples would provide us with simul-

taneous structural and chemical information of the tissues. As such experiments allow

for the mapping of the intensity specific Raman shifts, this allows us to map out spe-

cific Raman shift values we would expect to see in our osmolytes of interest. As such,

we could map the intensity of the C-OH stretch seen in glycerol (1049 cm−1) [91],

NH2 stretch of urea (3450 cm−1) [92], and the sulfur-sulfur stretch (499 cm−1) and

carbon-sulfur (678 cm−1) of the cysteine-rich antifreeze proteins [93] across the topog-
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raphy of the smelt eye samples. Following the chemical mapping, force mapping of the

same area can be performed to determine if areas with higher amounts of osmolytes

correlate to areas of the eye with a larger, or smaller Young’s modulus values.

To determine if the change in Young’s modulus is caused by lipid membrane re-

construction, the composition of the lipids present in both the warm and cold water

smelt eye tissues would need to be determined. Digesting the eye samples, and per-

forming liquid chromatography (LC) with electrospray ionization mass spectrometry

(ESI/MS) can be used to separate and quantify the phospholipids present in the eye

tissues [94]. By doing this, we can determine if there is a difference in unsaturated

fatty acids content of the cold and warm water smelt eye tissues, which could give

a better understanding as to whether it relates to the observed difference in Young’s

modulus of the cold and warm water samples.

Furthermore, the scope of this work has focused solely on one property of the

eye tissues, that being the Young’s modulus. While many models which are used to

determine Young’s modulus assume that the samples are linearly elastic in nature [50],

biological materials are known to have considerable viscoelastic properties [52, 95].

Studies into the viscoelastic properties of both the cold and warm water smelt eye

tissues, such as a creep experiment, would be ideal in continuing to understand more

about the physical properties of these biological samples [96].



Appendix A

The Production of Tip-Enhanced

Raman Spectroscopy (TERS) Tips

A.1 Introduction

The use of Tip-Enhanced Raman Spectroscopy (TERS) for chemical analysis of sam-

ples relies on a precise and reliable method of producing tips [97]. In theory, the ideal

tip is made of a conductive metal such as gold or silver, and its apex radius is as

small as possible to produce the highest resolution data. While commercial tips are

available for purchase, many groups opt for in-house production of their own tips.

This appendix will outline the several different methods for TERS tip production

attempted throughout my masters program.

74
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A.2 Experimental

A.2.1 Etching in HCl/Methanol Solution

This method is based off of the published procedure of Ren et. al. [97] Approximately

5 mL of a 50/50 solution of HCl:methanol (Fisher Scientific) is pipetted into a 10 mL

beaker placed in a fumehood. Using gold wire (Aldrich), a gold ring is made that

can be hung from the side of the beaker as seen in Figure A.1. The gold ring sits on

the surface of the 50:50 HCl:MeOH solution, where a strand of gold wire (Aldrich) is

immersed into the solution through the centre of the gold ring. Both the gold ring

and immersed gold wire are attached to a potentiostat via alligator clips. A direct

current (DC) voltage of 2.5 V is applied to the system, initiating the electrochemical

etching of the gold wire in the solution. When the gold wire has etched to the surface

of the solution, the current in the electrochemical cell is broken and the DC voltage

drops to zero. The etched gold wire is removed from the set up and gently rinsed

with 18.2 MΩ·cm ultrapure water (hereafter referred to as ultrapure water).

Figure A.1: General schematic outlining the setup used to produce TERS tips in
Section A.2.1 [97]
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A.2.2 Etching in H2SO4 Solution

This method is based off the published procedure of Hodgson et. al. [98] Approx-

imately 5 mL of concentrated H2SO4 (Fisher) was pipetted into a 10 mL beaker

placed in a fumehood. The setup for this experiment was identical to that shown in

Figure A.1. A direct current (DC) voltate of 6.5 V was applied to the system. When

the gold wire has etched to the surface of the solution, the current in the electrochem-

ical cell is broken and the DC voltage drops to zero. The etched gold wire is removed

from the set up and gently rinsed with ultrapure water.

A.2.3 Etching in NaCl/HClO4 Solution

This method is based off the published procedure of Gingery et. al. [99] 3.0 M NaCl in 1

% HClO4 was used as an etchant solution. 5 mL of the etchant solution was pipetted

into a 10 mL beaker placed in a fumehood where a portion of gold wire (Aldrich)

was submerged into the solution. A graphite rod was removed from a number two

pencil for use as the counterelectrode in this experiment, which was also placed in

the etchant solution. The wire and counterelectrode are connected to a potentiostat

via aligator clips in the same manner as outlined in Section A.2.1. A DC voltage of

approximately 2.5 V was applied, causing the etching of the gold wire. The current in

the system breaks when the gold wire etches to the surface of the solution, indicating

completion. The etched gold wire is removed from the set up and gently rinsed with

ultrapure water.
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A.2.4 Etching in a CaCl2 Droplet

This method is based on the published procedure of Snitka et. al. [100] First, a

portion of gold wire (Aldrich) was fixed to the back of a AFM chip with broken tips

(Mikromasch) using nailpolish, resulting in a probe which will look very similar to

a typical AFM tip setup as shown in Figure A.2. A 30 µL drop of 50/50 saturated

CaCl2/ultrapure water solution was deposited on a sheet of aluminum foil using a

micropipette. A portion of gold wire was placed in the droplet. Alligator clips were

used to connect the gold wire and aluminum foil to a potentiostat. A DC voltage of

10 V was applied to etch the gold wire, and continued until the circuit broke due to

the evaporation of the etchant solution. The etched gold wire was then rinsed with

ultrapure water.

Figure A.2: Gold wire etched by CaCl2 glued to the back of a typical AFM chip,
resulting in a TERS probe which is very similar to an AFM tip [100]

A.2.5 Silver-Coated SiN AFM Probes

In this process, a thin layer of silver metal is deposited onto a standard AFM tip, which

is then used as a TERS probe using the standard AFM tapping mode feedback loop

outlined in Chapter 1.2.2. The process of metal deposition was previously described

in L. Whelan’s Masters thesis [101]. In summary, top-visual silicon tapping mode
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AFM tips (VIT_P series, NT-MDT) were placed on a strip of polydimethylsiloxane

(PDMS) taped to a glass slide. The glass slides were placed on a sample holder

which allows the samples to be held above the metal evaporation source in a house-

built metal evaporation system. A quartz crystal microbalance (INFICON XTM/2

deposition monitor) is used to monitor the thickness of the metal deposition on the

substrate. Silver shots (Alfa Aesar, 1-5 mm, 99.9 % metal basis purity) were placed in

a tungsten boat in the evaporation chamber. Metal deposition was used to deposit a

film of silver with thickness of 40 nm as monitored by the quartz crystal microbalance,

resulting in a TERS probe with a tip radius of approximately 50 nm.

A.2.6 Gold-Coated SiN AFM Probes

Preparation of the gold-coated AFM probes followes the same procedure as outlined

in the preparation of silver-coated probes in Section A.2.5. top-visual silicon tapping

mode AFM tips (VIT_P series, NT-MDT) were placed on a strip of polydimethyl-

siloxane (PDMS) taped to a glass slide. The glass slides were placed on a sample

holder which allows the samples to be held above the metal evaporation source in

a house-built metal evaporation system. A quartz crystal microbalance (INFICON

XTM/2 deposition monitor) is used to monitor the thickness of the metal deposition

on the substrate. Gold wire (Alfa Aesar, 99.9 % metal basis purity) were placed in

a tungsten wire basket in the evaporation chamber. Metal evaporation was used to

deposit a film of gold with thickness of 10 nm as monitored by the quartz crystal

microbalance, resulting in a TERS probe with a tip radius of approximately 20 nm.
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A.3 Results and Discussions

The TERS probe serves a dual purpose in a typical TERS experiment. First, it must

act as a scanning probe microscopy tip in order to provide topographic information

of the surface being scanned. In this regard, metal-coated AFM probes pose a huge

advantage over etched wires due to their ease of use. The same feedback loops and

setup which are normally employed during tapping mode AFM imaging can be used

during the TERS experiment to collect the topographic information about the sample.

The other purpose of the TERS probe is to provide enhancement of the Raman signal

near the apex of the tip [102]. Hence, the ability for a probe to create this signal

enhancement is the true test as to whether or not it will work during an experiment.

To test the effectiveness of the TERS probes produced, the probes were loaded onto

tip holders to be used in the AFM (NTEGRA Spectra, NT-MDT). Gold and silver-

coated AFM probes were loaded into the stock AFM probe holder which was then

placed in to the AFM head. TERS probes made from etched gold wire were adhered

to a tuning fork (TF 103_NFT, NT-MDT), placed in a tuning fork probe holder, and

then placed in the AFM head. The tip was brought close to the sample surface, and

the Raman laser (633 nm) was positioned near the tip of the TERS probe. A series

of Raman spectra were taken of the area around the tip apex in attempt to locate the

Raman hot spot. The ability for the TERS probe to produce a Raman hot spot is

the ultimate indication of whether or not the probe will work in a TERS experiment.

Unfortunately, for all the probes we made for the TERS trial experiments failed to

produce a Raman hot spot, meaning they could not be used to perform TERS mapping

experiments. The issue of being able to make reliable and reproducible TERS probes

is still an issue within the field of research [103]. There currently stands no proven

method to produce reliable TERS probes that are guaranteed to work, making its

use within the lab extremely challenging [104]. However, as the method develops and
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more researchers aim towards developing standard protocols towards these methods,

producing reliable TERS tips will become much simpler.



Appendix B

Performing Atomic Force

Microscopy Imaging in Fluid

B.1 Introduction

Performing Atomic Force Microscopy (AFM) in fluid is highly advantageous over

typical ambient imaging when studying biological materials, as discussed in Section

3.1. This appendix will outline the standard method of calibrating, introducing fluid,

and imaging used in my experiments, which can serve as the standard method for

performing in-fluid imaging of materials using AFM.

B.2 Experimental

B.2.1 Initial Setup

An atomic force microscope (MFP-3D, Asylum Research) is used to perform the in-

fluid imaging of all samples. Load a gold-chromium coated AFM probe (HQ:CSC37/Cr-

Au, Mikromasch) with a spring constant of approximately 0.4 N/m in to the AFM tip
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holder, and then placed into the AFM head. Align the laser on the back of one of the

AFM cantilevers and maximize the laser sum signal, and then set the laser deflection

value to -1 V. Ensure the AFM head is properly levelled.

B.2.2 Calibration of the Tip (In Air)

Calibration the AFM tips inverse optical lever sensitivity (invOLS) is based on the

procedure outlined in Reference 63. In short, perform a force-distance curve on a

hard surface such as a Si wafer or freshly cleaved mica. From the resulting force-

distance curve, highlight the approach phase of the curve, and place markers on at

two points along the flat, horizontal portion of the trace. Under the force tab of the

master panel, select the ‘cal’ sub tab. Under the ‘Set-sens’ pull down menu, select

‘virtual defl line’. This will set the virtual deflection value of your force curve, in such

that this free-air portion of the curve where the tip is moving towards your surface

will have a constant deflection value. Next, perform another force-distance curve just

like above. Highlight the indentation portion of the force-distance curve, and place

markers on the indentation portion of either the approach or retract phase. From the

same ‘Set-sens’ pull down menu, select ‘Defl invOLS’. This will set the invOLS value

for the calibration force-distance curve. This value is necessary in determining the

proper spring constant of the tip. Next, disengage the tip from the surface, and raise

the AFM head to remove the tip from the sample, and set the laser deflection value

to 0 V. Next, perform a thermal calibration of the tip, in-air, to determine the spring

constant of the tip. If at this point the spring constant of the tip is outside of the

factory-provided specs, replace the tip with a new one and re-perform the calibration

process.
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B.2.3 Introducing Fluid to the Setup

Reset the laser deflection value to -1 V and lower the tip to the surface until in contact.

When in contact, bring the AFM head up slightly again as to bring the tip back out

of contact. Using a micropipette, place the pipette tip near the AFM tip and sample,

and dispense approximately 25 to 50 µL of ultrapure water. If done properly, the

water should wick upwards and encompass both the AFM tip and the sample. Let

the setup equilibrate for approximately 15 minutes. Once equilibrated, the sum signal

and laser deflection values may need to be readjusted.

B.2.4 Re-calibration and Tuning of the Tip (In Fluid)

Once the AFM tip is in fluid, recalibration is required. First, the tip invOLS will

need to be performed again, in the same manner as outlined in Section B.2.2. Once

completed, the AFM mode needs to be changed to ‘AcAir’ (also known as tapping

mode), and can be done on the main tab of the master panel. Set the laser deflection

value to 0 V, and ensure the set point is at 800 mV. Tune the tip by entering the

‘Tune’ tab on the master panel. Perform a continuous tune of the tip at the resonant

frequency determined by the thermal tune during the invOLS calibration. If a reso-

nant frequency is not obvious upon beginning the continuous tune, restart the tune

using a slightly higher frequency range. Upon finding the resonance frequency of the

tip, right-click on the peak using the AFM software, slightly to the left of the max-

imum, and select ‘Set Drive Frequency’. Right click again and select ‘Centre Phase’.

Next, begin increasing the drive frequency of the tip to increase the amplitude of

the resonance frequency to a value that is greater than your initial set point of 800

mV. Aiming for a drive amplitude of near or slightly above 1.0 V works well. When

completed, save your tuning plots, and begin imaging using standard tapping mode.
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B.3 Results and Discussion

Following the above method, one should be able to image hydrated biological samples

using tapping mode AFM techniques. If the method above is followed and does not

produce an image during AFM scanning, repeating the calibration process in Section

B.2.4 is advisable. Otherwise, this method has proven sound for the AFM imaging of

samples in fluid.
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